
九州大学学術情報リポジトリ
Kyushu University Institutional Repository

Out-of-equilibrium physics of cellular symmetry
breaking orchestrated by the active
cytoskeletal systems confined in cell-sized
spaces

坂本, 遼太

https://hdl.handle.net/2324/4784401

出版情報：Kyushu University, 2021, 博士（理学）, 課程博士
バージョン：
権利関係：



PhD Dissertation

Out-of-equilibrium physics of cellular symmetry

breaking orchestrated by the active cytoskeletal

systems confined in cell-sized spaces

Department of Physics, Kyushu University

SAKAMOTO Ryota

February 25, 2022



ii

Abstract

Symmetry and symmetry breaking are fundamental concepts that form the basis not

only in basic physics but also in biological phenomena. At the single cell scale, spher-

ical cells self-replicate by symmetric cell division, while the direction of cell migration

is determined by the symmetry breaking of cell shape. In the last century, the top-

down approach based on molecular biology has revealed that these cellular symmetry

breaking events are driven by the “actin cytoskeleton”, which consists of myosin mo-

tor proteins generating contractile forces along actin filaments. However, the physical

mechanism of the symmetry breaking is still poorly understood, as the top-down ap-

proach does not provide mechanical understanding of the cellular symmetry breaking.

To overcome this bottleneck, we adopted a bottom-up approach to create “ar-

tificial cells” as a simplified model of living cells, allowing us to control cell size,

protein concentration, and the cell membrane molecules, which is challenging in liv-

ing cells. Moreover, artificial cells are suited to study the mechanics because they are

decoupled from complex biochemical signaling that regulates the activity of the actin

cytoskeleton in living cells. In Chapter 1, we outline the recent developments of in

vitro systems and how it has provided key biophysical understandings of the actin

cytoskeleton. We also outline how the biophysical properties of the actin cytoskele-

ton have been characterized by the theoretical framework called “active gel theory”,

which describes the mechanics and dynamics of the active cytoskeletal systems.

Although previous studies revealed the biophysical properties of the actin cy-

toskeleton, the underlying physical mechanism of the cellular symmetry breaking is

still poorly understood. To establish the simple physical understanding of cellular

symmetry breaking, we develop simplified artificial cell models that recapitulate the

following characteristic symmetry breaking of the biological phenomena:

1. Symmetry and symmetry breaking of cell nucleus positioning
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2. Spontaneous migration driven by the symmetry breaking of cell shape

3. Rotational symmetry breaking of the contractile actomyosin wave

In this thesis, combining the simplified artificial cells with quantitative image

analysis and physical analysis based on active gel theory, we explored the underlying

physical mechanism of cellular symmetry breaking.

In Chapter 2, I explore how the position of the cell nucleus is controlled by the

actin cytoskeleton. To make an artificial cell model of the nucleus positioning, we

encapsulated both the cytoplasmic actin-myosin networks and a spherical ‘cluster’ (a

model of cell nucleus) into water-in-oil droplets. Notably, we found that the cluster

was located at the center in large droplets, while the cluster was located around the

edge in small droplets. Based on the image analysis, we found that the inwardly

contracting actin wave exerts a centripetal force on the cluster, while actin bridges

were outwardly contracting the cluster. Based on this observation, we proposed a

“tug-of-war model” in which the cluster position is determined by the balance of these

two antagonistic forces. Combining the active theory and the molecular perturbation

experiments, we showed that the positioning symmetry breaking occurs when the

characteristic time scale required for the maturation of the bridge becomes faster

than the period of wave. Together, this result will shed the light on the long-standing

question of the nucleus positioning in cell biology from the mechanical point of view.

As Pierre Curie described “it is the asymmetry that creates phenomena (P. Curie,

1894)”, symmetry breaking could trigger higher-order biological phenomena. In

Chapter 3, indeed, we realized the spontaneous migration of artificial cell droplets

by implementing the symmetry breaking of the droplet shape in addition to the po-

sitioning symmetry breaking. We found that the actin flow was propagating in the

direction opposite to the migrating direction, where the physical interaction between

the actin flow and the lipid membrane generates the driving force, which we called ac-

tive friction. Furthermore, by sandwiching the droplets between the glass substrates,
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we showed that the migration velocity decreased when the spacing was narrowed.

We theoretically explained this geometrical dependence by the balance between ac-

tive friction and viscous resistance, by which we elucidated the physical basis of the

actomyosin-based motility that utilizes the surrounding environmental constraints.

In Chapter 4, by strengthening the binding between actin filaments and the lipid

membrane interface, we induced the rotational symmetry breaking of the ring-shaped

actin wave and realized various actin wave dynamics from actin flow to rotational

wave. Such rotational symmetry breaking of actin wave have been reported in various

cell types, while the underlying physical mechanism that drives the symmetry break-

ing is still poorly understood both theoretically and experimentally. We constructed

a numerical simulation to explain the phase diagram of various wave phenomena:

flow, ring-shaped wave, and rotation wave. Combining the numerical simulation with

the molecular perturbation experiments, we elucidated the key factors of the transi-

tion, which are the strength of contraction force and the polymerization speed, and

proposed the physical mechanism that breaks the symmetry of the active gels.

Before closing the Abstract section, it is worthy to mention the phrase “What I

cannot create, I do not understand. (R. P. Feynman, 1988)”, which is the basic idea of

the bottom-up artificial cell approach to reconstruct complex living cells from build-

ing blocks. In the Conclusion section, we discuss the future perspective of artificial

cell research and out-of-equilibrium physics of the actin cytoskeleton. The physi-

cal principles revealed by artificial cells not only provide new insights into how cell

functions are controlled through symmetry breaking, but also enable us to develop a

unified theory of active gels by extracting the characteristic symmetries from different

biological phenomena. Thus, we believe our approach will open up a new avenue of

“our-of-equilibrium physics of life”, where artificial cells recapitulating the character-

istic symmetries of living cells reveal the physical laws underlying cellular symmetry

breaking, providing an integrative understanding of the biological phenomena.
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Chapter 1

Introduction

“It is the assymetry that creates phenomena.”

— Pierre Curie

1.1 Biological Phenomena and Symmetry Break-

ing

Symmetry and symmetry breaking play fundamental roles in physics, such that the en-

ergy conservation is derived from the translational symmetry of time [1], macroscopic

magnetization is emerged from the symmetry breaking of the microscopic alignment

of spins [2], and the elemental particle of pi-meson is generated from the spontaneous

symmetry breaking [3]. Notably, not only basic physics but also recent biophysics

studies have suggested that the concept of symmetry breaking plays important roles

in biological phenomena. For example, the positioning symmetry of the cell nucleus

either at the center or the edge of the spherical cell determines the developmental

process [4, 5, 6] (Fig. 1.1a), the direction of cell migration is determined by the

symmetry breaking of cell shape [7] (Fig. 1.1b), and the radial retrograde flow inside

of the adherent cell breaks the chiral rotational symmetry [8] (Fig. 1.1c). Although

the importance of symmetry breaking in biological phenomena is getting recognized,

underlying physical mechanisms are still poorly understood due to the lack of suit-

able experimental platforms and theoretical tools focusing on the mechanical and

dynamical aspects of the cellular symmetry breaking.
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Figure 1.1: (a) The nucleus positioning symmetry breaking in the mouse oocyte. The
position of the spindle is changed from the cell center to the edge (close to the cell
membrane) just before the reductional division. (b) The shape symmetry breaking
of the keratocyte adhered onto the glass substrate. The circular cell shape is changed
to the half-circle (i.e., polarized) at the onset of the cell migration. (c) The rotational
symmetry breaking of the radial actin flow in the fibroblasts. The radial inward actin
flow is destabilized and the chiral symmetry of the flow direction is broken. Images
were adapted from [12, 7, 8].
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1.1.1 Cellular symmetry breaking driven by actin cytoskele-

ton

One of the most prominent features of biological systems is their autonomous ability

to convert chemical energy into mechanical work. Importantly, the actin cytoskele-

ton drives most of the cellular force generation and symmetry breaking [9]. The actin

cytoskeleton is mainly composed of rod-shaped actin filaments (F-actin) and the as-

sociated myosin molecular motors that generate contractile stress by coupled with

ATP hydrolysis (Fig. 1.2a-c). The complex of F-actin inter-connected by myosin is

called the actomyosin network, responsible for various cellular mechanics and sym-

metry breaking. On the one hand, a dense cortical actomyosin network underlying

beneath the cell membrane drives the symmetry breaking of cell shape such as cell

division [10] and polarity formation at the onset of cell migration [11] (Fig. 1.2d). On

the other hand, a sparse actomyosin network exists within the whole space in cells,

which controls the positioning of the cell nucleus and meiotic spindle [4, 12], and is

also responsible for actin flow that drives cell migration [13] (Fig. 1.2d). Although the

top-down approach of molecular biology such as genetic modification on living cells

has been identified the key proteins and biochemical signaling pathways involved in

the control of cellular symmetry breaking, it is still difficult to understand the under-

lying physical mechanism only with this top-down approach because the experiments

using living cells are often limited by the narrow working conditions set by evolution

and also by the cell type-specific properties. Thus, experimental systems that allow

us flexible control of experimental physical parameters have been desired to test the

physical hypotheses.
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Figure 1.2: (a) The snapshots showing the dividing HeLa cell. The rounded spherical
shape of the cell is broken by the contractile force of the actomyosin network. (b)
Schematic of the actomyosin network. (c) Schematic of the actin filaments and myosin
molecular motors. Actin filaments are polymerized from actin monomer (G-actin)
bound with ATP, while it is depolymerized with ATP hydrolysis. Myosin motors
bound to the actin filaments induce sliding stress on the filaments, resulting in the
net contractile force. (d) Distinct states of the actomyosin network. A sparse actin
meshwork is dispersed in the bulk space within the cell, while a dense actin cortex
lies beneath the cell membrane. Images were adapted from [12, 14, 15].
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1.1.2 Bottom-up approach: Artificial cells

To overcome the limitation of living cell studies and enable the flexible control of

experimental physical parameters, simplified experimental model systems composed

of minimal cellular components have been developed (Fig. 1.3a). In vitro recon-

stituted systems such as purified actomyosin network and actin-intact cytoplasmic

extracts were confined in a cell-sized liposome or water-in-oil droplets to mimic liv-

ing cells, called artificial cells, which have been utilized to understand how minimal

components drive the cell-like self-organization. Importantly, the bottom-up recon-

struction of artificial cells allows us flexible control of physical parameters, such as cell

size, shape, protein concentration, and lipid composition, well-suited for experimen-

tally testing the physical hypothesis and developing theoretical models (Fig. 1.3b)

[16, 17, 18, 19, 20, 21, 22]. On the one hand, extracts-in-droplets have been used as

rigid spherical confinement, in which various cell-like contractile behaviors of acto-

myosin networks were revealed, ranging from spontaneous actin flow [23, 24], cortical

actomyosin induced shape deformation [25], connectivity induced contractility transi-

tion [26], and the control of the positioning of the nucleus-like large structure [28, 29]

(Fig. 1.3c). On the other hand, liposomes (lipid bilayer vesicles) have been used

to study the deformation of the cell-like lipid bilayer membrane driven by the actin

cytoskeleton, ranging from spike-like membrane deformation [30] and contractile ring

induced deformation [31] (Fig. 1.3d). Note that the contractility of the actin cy-

toskeleton is usually controlled through biochemical signaling pathways in living cells

that obscures the mechanical contribution of the actomyosin network and also make

it difficult to interpret the experimental results and also to construct simple theoret-

ical models [32, 96]. On the other hand, using artificial cells, we can decouple the

mechanics from biochemical signaling, so that the artificial cell system is an ideal

experimental model system to investigate mechanics and the physical mechanism of

the cellular symmetry breaking, well-suited to develop simple theoretical models.
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Figure 1.3: (a) Schematic showing the idea of the bottom-up approach to construct
simplified artificial cells. (b) Schematic showing the advantages of artificial cells.
The cell size, shape, and concentration of proteins can be flexibly controlled in ar-
tificial cells. (c) Preparation procedure of extracts-in-oil droplets. By mixing the
extracts with the mineral oil that contains phospholipids or surfactants, one can
obtain the variously-sized droplets covered with a functional lipid monolayer. The
bottom images show examples of researches utilizing the droplet-based system. (Left)
Increased connectivity of the network initiates the network contraction [26]. (Right)
The nucleus-like large structure breaks its positioning symmetry [28]. (d) Prepara-
tion procedure of a liposome. After making the water-in-oil droplet, the droplets
are transferred through a lipid monolayer interface, by which the lipid bilayer vesicle
(i.e., liposome) can be obtained. The bottom images show the membrane deforma-
tion called ‘spike’ (indicated by the white arrow) induced by the polymerization of
the actin network [30]. Images were adapted from [26, 28, 30].
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In addition, not only the cell-scale behavior of the active cytoskeletal systems,

intracellular structures such as the meiotic spindle was reconstituted in vitro using

Xenopus egg extracts, by which the spindle mechanics were quantitatively studied [33]

(Fig. 1.4a-c). Moreover, artificial cells can also be used to study the gene expression

using the designed DNA, by which size-scaling of the protein synthesis was revealed

in the TXTL (Transcription and Translation) system using E. coli (Escherichia coli)

extracts [34] (Fig. 1.4d-g). Together, artificial cells using purified and cytoplasmic

extracts have been significantly developed in the last decades and provided fruitful

understanding from gene expression to cell mechanics.
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Figure 1.4: (a) Schematic showing the microneedle-based mechanical measurement.
(b) Snapshot of the spindle labeled with the fluorescent tubulin speckles. (c) The
local mechanical properties obtained by the micromanipulation. (d) Experimental
setup of the observation chamber with the height of 300 µm. (e) The plasmid DNA
coding the gfp as a reporter of the protein synthesis in the cell-free extract of E.coli.
(f) The synthesized GFP intensity after 900 min. (g) The anomalous size-scaling of
the total amount of the synthesized protein in the droplets smaller than Rc < 17 µm.
Images were adapted from [33, 34].
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1.1.3 Active gel theory: Physical descriptions of cytoskeletal

systems

The recent theoretical development provided a framework to describe the non-equilibrium

mechanics and self-organization of actin cytoskeleton, called active gel theory. The

main difference from classical theory of polymer gels is two folded: (i) unlikely to the

classic polymer gels, the crosslinking of the polymer network is not permanent but

undergoes dynamic binding and unbinding of crosslinkers and also individial actin

filaments changes the length by polymerization and depolymerization, where these

dynamics are termed turnover [9]. (ii) Because the actin network contains myosin

motor protein, this polymer network generates internal contractile stress that drives

dynamic self-organization and symmetry breaking. So far, various theoretical frame-

works have been proposed to describe the specific biological phenomena, such as ac-

tive polar gels [36, 37], two-fluid model [38, 39], advection-reaction-diffusion systems

[40, 41, 42], and agent-based simulations [43]. One of the most general frameworks

was called hydrodynamic theory of active gels [44], which consists of the several set

of equations. The constitutive equation for the active gel in the long-time limit is

written as

σij = σp
ij + σa

ij (1.1)

where σij is the total stress tensor, σp
ij is that of the passive system, and σa

ij is the

new active part for active gels, which is given by

σa
ij = ζQij + ζ̄δij (1.2)

where the coefficients ζ and ζ̄ depend on the densities of motor and filament, and

also the change in chemical potential ∆µ associated with hydrolysis of ATP. Negative

values of ζ and ζ̄ represent the spontaneous contractile behavior. The nematic order
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parameter Qij in Eq. (1.2) is written as Qij = 〈ninj − 1
3
δij〉, where ni is a unit vector

in the direction of filaments considering the myosin induced contractile stress along

the actin filaments, and the average is taken over a mesoscopic volume. The stress

σp
ij in Eq. (1.1) is the sum of a hydrodynamic term σh

ij = ηb∂kvkδij +2ηs(∂ivj +∂jvi−
2
3
∂kvkδij), in which ηb and ηs are the bulk and shear viscosities, respectively, and a

term σbs
ij , which depends on density and the broken symmetry variables. These are

the terms used for equilibrium systems.

Notably, because of the turnover of crosslinkers, elastic behavior takes part in

timescales shorter than their bound lifetime [44]. Assuming that these timescales are

longer than microscopic times, the active gel description is extended to include the

elastic regime by introducing a relaxation Maxwell time, τM, on which the network be-

comes fluid due to turnover of passive cross-linkers enabling network rearrangements,

such that

(

1 + τM
D

Dt

)

(σij − σa
ij − σbs

ij ) = ηb∂kvkδij + 2ηs

(

∂ivj + ∂jvi −
2

3
∂kvkδij

)

(1.3)

where D/Dt denotes the convected corotational time derivative. On timescales shorter

than τM, the time derivative in Eq. (1.3) dominates and thus the system behaves as

an elastic medium with shear modulus η/τM, while on timescales longer than τM, the

time derivative can be neglected and Eq. (1.1) is recovered.

By coupling the constitutive equation with the conservation equations describing

the advection, diffusion, and turnover of myosin and actin filaments (Fig. 1.5a),

these equations were used to describe dynamic behaviors of actomyosin networks in

a wide range of time scales and length scales, ranging from blebbing [45] (Fig. 1.5b),

cell division [46] (Fig. 1.5d), cell migration [47] (Fig. 1.5c), cortical flows [48], to

cytoplasmic flows [49].
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Figure 1.5: (a) Schematic showing the actomyosin network undergoing the polymer-
ization and depolymerization. Actin crosslinking proteins are not shown for simplic-
ity. (b) Blebbing can be described by the elastic active gel theory as its time scale is
shorter than the time scales of turnover of actin filaments and crosslinker (∼10-20 s).
(c) Schematic showing the migrating cell in a microchannel made of polydimethyl-
siloxane (PDMS). Cell migration is driven by the contractile actin flow which can
be described as a hydrodynamic viscous active flow because of the longer time scale
larger than the turnover time scales. (d) Cell division is typically on the order of
several minutes, thus it can be described as viscous hydrodynamic active gels. (Left)
Bright-field images of a dividing sea urchin zygote. (Right) Numerical simulation of
the cell division. Images were adapted from [44, 45, 47, 46].
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1.1.4 Active fluid model: active stress-driven symmetry break-

ing

Here, we briefly explain how the symmetry breaking of active gels emerges by per-

forming a linear stability analysis on 1D active fluid model. Here, we consider the

active fluid consists of actin filaments and myosin motor proteins, which is advected

by the contractility induced flow of active fluid. The constitutive equation is given

by

∂σ

∂x
= γv (1.4)

where σ is total stress, v is the flow velocity of the active fluid, and γ is the friction

coefficient describing drag on the substrate (cytosol/plasma membrane). Total stress

is given by

σ = η
∂v

∂x
+ ζ∆µ(c) (1.5)

where the first term is the viscous stress, the second term is the active stress, and c

is the local density of actin filaments. For simplicity, here we assume that the myosin

density is proportional to the local density of actin filaments. The active stress is

assumed to be given by ζ∆µ(c) = (ζ∆µ)0f(c), where (ζ∆µ)0 is the effective active

stress that depends on the local number of bound myosin per actin filaments and

change in chemical potential associated with ATP hydrolysis, and f(c) = c/(c0 + c)

is an arbitrary function chosen to avoid contractility to diverge. In addition, mass

conservation of filaments is given by

∂c

∂t
+

∂J

∂x
= 0 (1.6)

where mass flux is given by the sum of diffusion and active advection J = −D∂xc+cv.

By performing a linear stability analysis around the uniform state such that c =
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c0 + δc eλ(k)t+ikx and v = δv eλ(k)t+ikx, we can obtain the following dispersion relation

λ(k) = −k2D

(

1− Pe c0∂cf(c0)

1 + k2l2

)

(1.7)

where l =
√

η/γ is the characteristic length scale, and Peclet number Pe = (ζ∆µ)0/γD

is the ratio of the diffusive time scale τ = l2/D to an active advective time scale

τa = l/U with characteristic active flow speed U = (ζ∆µ)0/
√
ηγ. Note that the

diffusive time scale is not expected to be largely altered by active stress, thus the

Pe is primaly controled by the magnitude of active stress. The instabilities of the

homogeneous state is emerged when the Pe become larger than the critical value

Pec = (1 + k2l2)/c0∂cf(c0) (Fig. 1.6a-c). In this case, it was previously shown that

there is a stable peak of high actin density sustained by a convergent actin flow,

balanced by diffusion away from the concentrated peak [40] (Fig. 1.6d). In addition,

Moore et al. showed that the 2-dimensional simulation of the active fluid model ex-

ihibits the more complex pattern, such as spot, stripe, and dynamically contracting

network [42] (Fig. 1.6e-g). Recent numerical simulation of polymerizing actin net-

work in infinite-half space performed by Levert and Kruse also reported a chaotic

contractile behavior of the actomyosin network [50]. Together, this simple theoretical

analysis shows that the active gel theory is a useful tool to describe the symmetry

breaking and pattern formation of the active cytoskeletal systems.
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Figure 1.6: (a) Schematic of the 1-dimensional actomyosin network subjected to the
internal total stress σ. (b) The dispersion relation of Eq. (1.7). (c) The phase space
of the pattern forming instability calculated from Eq. (1.7). (d) The numerically
calculated steady-state of Eqs. (1.4)-(1.6). (e-g) Numerical simulation of the two-
dimensional active fluid. (e) Spot pattern. (f) Stripe pattern. (g) Dynamically
merging network. Images were adapted from [40, 42].

.
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1.2 Cytoplasic Extracts to Maintain Physiological

Turnover

One of the most important abilities of actin filaments is the turnover, in which the cy-

cle of polymerization and depolymerization enables cells to reuse the actin monomer

again. The turnover of actin filaments plays a significant role to maintain the dy-

namics such as actin flow during cell migration [7, 11]. At the leading edge of the

migrating cells, newly formed actin filaments are contracted to the rear edge, there-

after the accumulated actin filaments are depolymerized spontaneously or by several

actin-depolymerizing proteins that prevent the depletion of the actin monomer pool

[51] (Fig. 1.7a).

In vitro studies using purified actin and myosin, however, it is usually difficult

to maintain a fine balance between polymerization and depolymerization of actin

filaments, thus the contractile behavior of the actomyosin network will immediately

end in several minutes [19]. Thus, static structures such as cortical actin network

[17, 52] or membrane deformation [30, 53] have been mainly studied using purified

systems.

To overcome such limitations in purified systems, actin-intact cytoplasmic extracts

have been developed to study the dynamic property of actomyosin networks. Cyto-

plasmic actomyosin networks are usually prepared by the centrifugation of epithelial

HeLa cells or Xenopus eggs [54, 16, 55] (Fig. 1.7b). Not only actin and myosin,

but the cytoplasmic actomyosin networks also contain various actin associated pro-

teins such as actin polymerizing protein Arp2/3 and Formins, actin severing (i.e.,

depolymerizing) protein cofilin and gelsolin, thus it can maintain the turnover and

physiologically relevant actomyosin dynamics [16, 56]. In this section, we will discuss

the findings given by making use of the turnover of cytoplasmic extracts.
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Figure 1.7: (a) Schematic of the turnover of actin filaments at the leading edge of
the migrating keratocyte. To sustain the actin flow, polymerized F-actin must be de-
polymerized and reused to polymerize new actin filaments, where F-actin is actively
polymerized by Arp2/3 complex and actively depolymerized by cofilin. (b) Cyto-
plasmic actomyosin networks are extracted from the Xenopus egg by centrifugation.
Although the cytoplasmic extracts containing various actin-associated proteins are
not as simple as purified systems, it sustains the turnover dynamics and enables us to
study the physiologically relevant actomyosin dynamics. Images were adapted from
[51, 7, 55].
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1.2.1 Gelation-contraction in bulk extracts

To study the dynamic behavior of contractile actomyosin network, Field et al. devel-

oped actin-intact cytoplasmic extracts of Xenopus eggs [16]. Notably, they found that

the periodic gelation-contraction of actomyosin networks sustained for more than 6

hours, supposed to emerge from the polymerization and depolymerization of actin fil-

aments (Fig. 1.8a). Indeed, using Lysteria comets, they showed actin polymerization

protein Arp2/3 is highly activated in the extracts and proposed a model of gelation-

contraction (Fig. 1.8b,c). This study showed that both active polymerization and

depolymerization play an important role in dynamic actomyosin contraction.

Figure 1.8: (a) The gelation-contraction of the bulk cytoplasmic actomyosin network
extracted from Xenopus eggs. (b) Listeria (green) is mixed with the extracts to
evaluate the activity of Arp2/3. Listeria is known to utilize endogenous Arp2/3 to
polymerize the actin filaments to move by the counter-action of the actin polymeriza-
tion. Note that the listeria comet is only visible in the M-phase extracts, suggesting
that the Arp2/3 is highly activated and involved in the gelation-contraction. (c) Con-
ceptual model of gelation contraction. When actin filaments are sufficiently grown
and interconnected with each other, the contractile force of myosin II is transmitted
over the entire network, and the whole network contracts toward the center. In the
meantime, the accumulated actin network is depolymerized and supplied to the bulk,
which is reused for the next gelation-contraction cycle. Images were adapted from
[16].
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1.2.2 F-actin turnover sustains actin flow in droplets

Migrating cells utilize the turnover of actin filaments to sustain the actin flow, in which

the depolymerized actin monomers at the rear side of the cell are transported to the

leading edge by diffusion [7, 51] (Fig. 1.7a). To investigate such cell-like dynamic

actin flow accompanied by the actin filament turnover, Pinot et al. encapsulated the

cytoplasmic actomyosin networks in cell-sized water-in-oil droplets, formed extracts-

in-oil droplet [23] (Fig. 1.9a). Confocal microscopy showed the emergence of cell-like

stable actin flow generated by the local F-actin assembly at the surface of the droplet

(Fig. 1.9a), where Arp2/3 activating VCA domain of WASP protein is known to

be recruited at the extracts/oil interface due to its partial hydrophobic nature [54]

(Fig. 1.9b). Importantly, they showed that either the inhibition of F-actin assembly

by Cytocharasin D or the inhibition of F-actin disassembly by Phalloidin eliminated

the actin flow, indicating that the continuous turnover of actin filaments is crucial

to maintain the actin flow. Together, this study revealed the significance of efficient

F-actin turnover to maintain cell-like actin flow in cell-sized confined spaces.
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Figure 1.9: (a) The extracts-in-oil droplet showing inward actin flow generated from
the periphery. The right zoom-in view shows the newly formed actin filaments at
the surface of the droplet. (b) Schematic of the actin flow. The right zoom-in view
shows the hypothetical mechanism of F-actin nucleation at the droplet surface, where
Arp2/3 activating domain VCA of WASP protein could be localized at the extracts-
oil interface due to its partial hydrophobic nature as indicated by the previous study
[54]. Images were adapted from [23, 57].
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1.2.3 Actin crosslinking regulates contractile behavior

In purified systems, it has been shown that the actomyosin network alone cannot

effectively generate the contractile stress, but it requires sufficient actin crosslink-

ing proteins that inter-connect the individual actin filaments [19, 27]. Then, what

is the role of actin crosslinking and its turnover in cytoplasmic extracts exhibiting

actin flow? To answer this question, Tan et al. developed an extracts-in-oil droplet

system where the extracts were first diluted by 10 times, and then they added the

actin crosslinking protein α-actinin to see the effect of network connectivity on the

contractile behavior of the actomyosin network (Fig. 1.10a) [26].

To quantify the contractile behavior of the network, rod-shaped fluorescent tracer

particles were mixed with the extracts and their trajectories were tracked (Fig. 1.10b).

At the low α-actinin concentration (1-1.5 µM), there was just a local velocity fluc-

tuation with correlation length ∼ 0.5 µm (Fig. 1.10c), which was originated from

the myosin contractility induced local active diffusion of actin filaments (Fig. 1.10d).

Notably, at the intermediate α-actinin concentration (2-2.5 µM), there was a large

velocity fluctuation with correlation length ∼ 15 µm (Fig. 1.10c), indicating that

the network reached critical connectivity that enabled the transmission of forces over

the length scale much larger than the individual actin filaments, which is previously

referred to as a signature of force percolation transition [58, 59] (Fig. 1.10d). At the

larger α-actinin concentration (3-4 µM), the entire network contracted toward a single

aggregate of the actomyosin network and the velocity fluctuation was small with cor-

relation length ∼ 1 µm (Fig. 1.10c) because the entire actomyosin network is tightly

crosslinked and formed a gel-like structure (Fig. 1.10d). Together, these results indi-

cate that the actin crosslinking is crucial for generating an effective contractile force

that spans over the entire cell-sized space.
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Figure 1.10: (a) Experimental setup. Cortical actomyosin network is formed at the
surface of the extracts-in-oil droplet by localizing the Arp2/3 activating domain of
ActA at the extracts-oil interface. (b) The α-actinin concentration-dependent state
transitions of the contractile behavior of the actomyosin network. The bottom images
are the trajectory of the single-walled carbon nanotube (SWNT) fluorescent probe.
At a low α-actinin concentration, local fluctuation is observed. At an intermedi-
ate α-actinin concentration, large fluctuation of the small cluster region is observed,
while there is no global contraction. At a high α-actinin concentration, the entire
network is inter-connected and a single cluster is formed, in which the newly formed
small clusters were fused to the large cluster. (c) The correlation length was calcu-
lated from the velocity fluctuation of the SWNT trajectories. It is notable that the
correlation length takes the peak at the intermediate connectivity. (d) Schematic
summarizing the microscopic states of the actomyosin network inter-connected with
actin crosslinking protein of α-actinin. Images were adapted from [26].
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1.2.4 Cell-like cortex formation and polarization

One of the distinct features of the cell is the highly-dense actomyosin network un-

derlying beneath the cell membrane, called the actomyosin cortex [9]. Such cortical

actomyosin network plays a significant role in deforming cell shape, ranging from

cell division [10] to the polarization of cell shape at the onset of cell migration [11].

To reconstruct the actin cortex using cytoplasmic extracts, Shah & Keren used the

actin polymerizing domain ActA conjugated with hydrophobic fluorescent marker

BODYPI, by which the amphiphilic ActA complex is localized at the extracts-oil

interface, forming a cell-like cortex (Fig. 1.11a) [25]. Notably, the localization of

the actomyosin network at the droplet surface caused the shape deformation of the

droplet, forming a local deformation called a ‘cap’ (Fig. 1.11b). By harnessing the

simple spherical geometry of the droplet, they estimated the contractile stress of the

deformation by constructing the following mechanical model of the local deformation.

Given that a cytoskeletal force F per unit area is applied at the deformed region of

the droplet, the Laplace equation at the deformation region is given by

F +∆P = 2σκcap (1.8)

where σ is the surface tension of the lipid monolayer and κcap is the local curvature

of the cap region. Because the actomyosin-induced deformation is negligible in the

outside of the deformed region (Fig. 1.11b), the pressure difference can be related

to the local curvature κ0 of the non-deformed region, ∆P = 2σκ0. Substituting this

to Eq. (1.8), one can estimate the contractile stress at the cap from the curvature

difference as

F = 2σ(κcap − κ0). (1.9)

The contractile stress was estimated from Eq. (1.9) as ∼ 20 pNµm−2, which is ∼ 10

times smaller than the epithelial cells measured from micropipette aspiration [45].
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To summarize, not only this study showed that the way to reconstitute cell-like

actin cortex using cytoplasmic extracts, but also showed that the simplified cell-

like droplet enables one to develop the simple theoretical model and quantitative

estimation, which is often challenging for liposome with lipid bilayer membrane due

to its complex deformed shapes [60].

Figure 1.11: (a) Confocal images of the extracts-in-oil droplet forming cell-like actin
cortex. The actin polymerizing protein Arp2/3 activating domain ActA is localized
at the extracts-oil interface (right), by which the actin cortex is formed beneath the
membrane due to the locally enhanced F-actin polymerization. (b) Approximately
10 % of droplets showed a polarized actin cortex. The right schematic showing the
force balance of at the deformed droplet surface. Images were adapted from [25].
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1.3 Active Gel Physics

The intriguing physical property of the actomyosin network is its various physical

states depending on the density of F-actin, turnover rate, and the extent of crosslink-

ing. Moreover, growing evidence suggests that such distinct actomyosin networks

coexist within the cell, responsible for various biological functions. On the one hand,

a dense actomyosin network is underlying beneath the cell membrane, called the actin

cortex, supporting the shape of rounded cells and driving cell division [10]. On the

other hand, a sparse actomyosin network is dispersed in the cell cytoplasm, responsi-

ble for the pulsatile contraction of epithelial cells [61, 62] and the positioning of the

cell nucleus and spindle [4, 5]. At an intermediate density and crosslinking, notably,

actin flow is responsible for the material transport [49] and also driving the cell mi-

gration [7, 13]. Together, these distinct physical states of the actomyosin network

are referred to as active gels, in which physical properties and contractile behaviors

were significantly altered depending on the density of F-actin, turnover rate, and the

extent of actin crosslinking. Therefore, various theoretical descriptions have been

developed depending on the distinct states of active gels. In this section, we will give

an overview of the important theoretical descriptions used in my research.

1.3.1 Continuum description: Two-fluid model of active gels

One of the most simple way of developing active gel theory is to include the effect of

active stress to the classic theory of polymer gels. Benerjee & Marchetti developed

an active gel theory based on two-fluid model used in the classic polymer gel theory

[38]. Here, cytoskeletal filaments are treated as a porous elastic network immersed in

a viscous solvent (cytoplasm). The equation of motion of the gel is given by

ρ∂2
t u = −γ(∂tu− v) +∇ · σ (1.10)
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where ρ is the density of the gel, u(r, t) is the displacement field of the gel, v(r, t) is

the velocity of the permeating viscous fluid, γ is the friction coefficient between the

gel and the permeating viscous fluid, where the first term in the right hand side of

Eq.(1.10) is the friction between the gel and the permeating fluid. The permeating

viscous fluid follows Navier-Stokes equation,

ρf∂tv− η∇2v+∇P = γ(∂tu− v) (1.11)

where ρf is the density of the fluid, η is the fluid viscosity. The stress tensor of the

gel is composed of the sum of elastic, dissipative, active components

σ = σe + σd + σa (1.12)

where the elastic and dissipative part are the identical to the equilibrium system,

such that

σe
ij =

(

λ+
2µ

3

)

δij∇ · u+ 2µ

(

uij −
1

3
δij∇ · u

)

(1.13)

where λ and µ is the bulk and shear Lame coefficients, and uij =
1
2
(∂iuj + ∂jui). The

dissipative part is given by

σd
ij = ηbδij∇ · ∂tu+ 2ηs

(

∂tuij −
1

3
δij∇ · ∂tu

)

(1.14)

where ηb and ηs is the bulk and shear viscosity of the gel. The active stress is given

by

σa
ij = δijζ(ρ, cb)∆µ (1.15)

where ∆µ is the chemical potential difference due to the hydrolysis of ATP, the

coefficient ζ depends on the densities of actin filaments and the bound myosin density

cb.
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To complete the hydrodynamic description, we need equations describing the dy-

namics of bound and unbound motors with densities cb and cu, respectively. Assuming

that the motor is bound to the actin filaments with the rate kb and unbound with

the rate ku, mass conservation equations of the motor is given by

∂tcb +∇ · (cb∂tu) = −kucb + kbcu (1.16)

∂tcu = D∇2cu + kucb − kbcu (1.17)

where D is the diffusion coefficient of free motor protein. Note that myosin II are

classified as non-processive motor which spends unbound state most of the time during

the total cycle duration [63]. In this case, we neglect the dynamics of free motor and

it just acts as a motor resovior [38].

Finally, the four component active gels, composed of the gel, a viscous solvent,

bound and unbound motor proteins, are closed by the incompressibility condition

∇ · [(1− φp)v+ φp∂tu] = 0 (1.18)

where φp is the volume fraction of the gel. When the volume fraction of the network

is very small (φp ≪ 1), Eq. (1.18) recovers the incombressibility of the ambient fluid,

∇ · v ≃ 0.

In the overdamped limit in 1D, the dynamic equations are reduced to

(γ − ηL∂
2
x)∂tu = Ba∂

2
xu+ ζ∆µ∂zφ (1.19)

∂tφ = −∂x[(1 + φ)∂tu]− kuφ (1.20)

where ηL = ηb + (4/3)ηs, Ba = λ + 2µ − ζ∆µ, and φ is the fraction of bound

motors. Notably, we obtain a single differential equation for the displacement u(x, t)
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by eliminating the bound motor fraction from these equations

τonγ∂
2
t u+ [γ − ηa∂

2
z ]∂tu = Ba∂

2
zu (1.21)

where τon ∼ 1/ku is the time that the motor spends attached to the filament, and ηa =

τon[B − ζ∆µ]. The Eq. (1.21) indicates that the motor on/off dynamics provides the

effective inertia to the dynamics of the network. Indeed, linear stability analysis and

the numerical calculation of the active gel showed that there is a spiring-like oscillatory

state and propagating waves [38, 39, 42] (Fig. 1.12a,b). A recent experiment of the

purified actomyosin networks used the two-fluid model to explain the macroscopic

contractile behavior of the gel, in which numerical calculation of the two-fluid model

quantitatively reproduced the contractile speed of the gel using relevant material

parameters [64] (Fig. 1.12c,d). Therefore, the two-fluid model showed that the active

stress contribute to realize the dynamic contractile behavior of the active cytoskeletal

network, which is the characteristic behavior of the active systems that cannot emerge

in the classic equilibrium polymer gels.
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Figure 1.12: (a) Phase diagram calculated from Eqs. (1.19) and (1.20). (b) Nu-
merically calculated oscillatory dynamics of the 1D non-linear two-fluid model [39].
(c) Schematic showing the experimental setup of the bulk actomyosin network con-
traction. The purified actin and myosin with actin crosslinking protein fascin are
mixed and sandwitched between the glass substrates. (d) Comparison of the dynam-
ics of the contracting actomyosin network between the experiment and the numerical
simulation of the two-fluid model. Images were adapted from [38, 39, 64].
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1.3.2 Agent-based model: Turnover controls the contractile

behavior

In vitro experiments showed that sufficient actin-crosslinking is necessary to induce

the contractile behavior, however, considering the myosin motor bound to the actin

filaments, contractile and expansile states would be averaged out under the frame-

work of linear elastic theory (Fig. 1.13a). How can the contractile state outweigh

the expansile state through actin-crosslinking and turnover? To answer this question,

Hiraiwa & Salbreux considered the simplest situation where the rod-shaped filaments

are inter-connected by crosslinkers, and bound motor induce force along the fila-

ments [43] (Fig. 1.13a). They showed that in the presence of crosslinkers, the bias

towards the contractile stress arises from instabilities of the expansile configuration of

filaments, thereby the contractile force dipole at final configuration becomes always

positive (Fig. 1.13b).

On the other hand, in the case of a macroscopic network containing several thou-

sands of filaments confined in a box, they found that the ratio between the filament

turnover rate τf and the crosslinker turnover rate τc controls the contractility applied

at the periphery of the box (Fig. 1.13c). For τf ≫ τc, contracted filaments formed a

cluster, whereas for τf ≪ τc, filament turnover is too fast to reconfigure the filaments

to the contractile configuration, thus the contractile stress applied on the wall is de-

creased. Therefore, the contractile stress takes the maximum value at an intermediate

turnover ratio τf/τc ∼ 0.1 − 1 (Fig. 1.13d). Interestingly, this value corresponds to

the experimentally measured values of turnover rate of actin and cross-linker in the

cell cortex, τf ∼ 15− 45 s and τc ∼ 7− 14 s, τc/τf ∼ 0.15− 1 [9]. This kind of state

transition may be relevant to the crosslinker concentration dependence of the con-

tractile behavior of the cytoplasmic actomyosin networks explained in section 1.2.3.

Together, not only the presence of crosslinker plays an important role in effectively

generating contractile stress on the network, but also the turnover of filaments and



30

crosslinkers crucially controls the contractile stress generation.

Figure 1.13: (a) Schematic of the myosin bound to actin filaments. Because the
myosin walks on the actin filaments toward the + end, either the contractile or ex-
pansile forces are exerted to the filament depending on the configuration. The bot-
tom simplified schematic shows a configuration of the agent-based simulation, where
bound myosin (the red bar) exerts a force f0 to the filament (+ end is denoted as
the arrow) inter-connected by crosslinker (the green circle). (b) The force dipole of
myosin d at the final configuration (i)-(iii) is calculated, where lf and lm denote the
length of filaments and myosin, respectively. Note that the contractile configuration
is stable in any configuration. (c) The macroscopic contractile stress of the network
σ is calculated by confining the actomyosin network in a box, where all the compo-
nents undergo turnover to the reservoir. The turnover rates of myosin motor, actin
filaments, and crosslinker are denoted as τ , τf , and τc, respectively, where τf > τ and
τc > τ . The bottom images show the time course of the simulation. (d) The turnover
rate dependence of the total stress. At τf > τc, clustering occurs, while at τf < τc, the
filament turnover is too fast to reconfigure the filament to contractile configuration,
thus the contractility take maximum at the intermediate ratio τf ∼ τc. Images were
adapted from [43].



31

1.3.3 Active fluid model: Friction force generated by actin

flow

So far, we have been focused on the contractile behaviors of the actomyosin network

within the cell body. On the other hand, cells must transmit intracellularly generated

contractile stress to the external surrounding environments to propel the cell body

forward during cell migration. The well-studied classic example is the cell migra-

tion on 2D substrate, in which focal adhesion efficiently transmits traction forces [65]

(Fig. 1.14a). In contrast, recent studies showed that adhesion-independent migration

is possible in 3D confinement such as microchannel and collagen network even in the

absence of focal adhesion [13, 66, 47] (Fig. 1.14b). Importantly, when the substrate

friction is reduced, this cell migration slows down (Fig. 1.14b). Based on this obser-

vation, the friction force generated by the physical interaction between the actin flow

and the substrate was proposed as a propulsion force (Fig. 1.14c). The constitutive

equation of the cortical actin flow is given by

σij = ηb∂kvkδij + ηs

(

∂ivj + ∂jvi −
1

2
∂kvkδij

)

+ ζ∆µδij (1.22)

where ηb and ηs are the bulk and shear viscosity, vk represents the cortical actin flow

velocity, ζ∆µ is the active stress. Here, only the viscous contribution of the actin flow

was considered because the typical time scale of actin flow is on the order of minutes,

while the turnover rate of crosslinker was ∼20 s, thus the elastic energy stored in the

network is released [13].

They separately considered the constitutive equation of the actin flow at the con-

tact region where the cell is in contact with the wall and the non-contract region at

the front and rear part. First, the pressure difference acts as a drag of the medium
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acting against the motion of the cell,

P r
out − P f

out = −αDU (1.23)

where U denotes the migration velocity of the cell, αD is the effective drag coefficient

(Fig. 1.14c). The fluid drag is related to the stress tensor through the normal force

balance given by the Young-Laplace equation

Cijσij = Pin − Pout (1.24)

where Cij is the curvature tensor of the cell surface

Second, as the actin flow propagates from the front to the rear side of the droplet,

external shear stress acts on the region where the cell is in contact with the wall,

Σout = −αv, where v is the relative velocity between the actin flow and the substrate,

and α is the associated friction coefficient at the cell-substrate interface (Fig. 1.14c).

The tangential force balance is then given by

∇ · σ = αv (1.25)

Together with the constitutive equation Eq. (1.22), cortical actin flow speed is de-

termined by the contractile force gradient between the front and rear part of the

droplet,

η∂2
xv = α(v + U)− ∂xζ∆µ (1.26)

where η ≡ ηs = 2ηb, and v is now velocity taken in the cell reference frame. Note that

Eq. (1.26) corresponds to the Stokes equation with a positive pressure gradient (in

this case, active stress). Together with the force balance at the rear and front side

Eq. (1.24), they derived the substrate friction dependence of the cell migration speed,

which reproduced the experimental results (Fig. 1.14d). Thus, this study showed
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that the friction force generated at the substrate-membrane interface is sufficient to

propel the cell body forward. Note that recent studies showed that the hydrodynamic

theory describing the actin flow as a Stokes flow could explain the force generation in

various situations such as cell migration through zero-friction microchannel [47] and

the deformation of liposome induced by polymerized actin flow [30], suggesting that

the hydrodynamic description can well capture the forces generated by contracting

actomyosin networks.

Figure 1.14: (a) Schematic of the adhesion-dependent migration on 2D substrates,
where focal adhesion complex effectively transmits intracellular contractile forces to
the external substrates. (b) Schematic and images of the adhesion-independent mi-
gration under the microfluidic channel. The migration slows down by decreasing the
substrate friction with polymer blush. (c) Schematic showing the forces applied on
the cell body. The friction force drives the cell migration, while the external fluid drag
counteracts the cell movement. The viscous actin flow is sustained by the gradient
of the contractile stress over the cell body. (d) The substrate friction dependence of
the cell velocity. Images were adapted from [67, 68, 13].
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1.4 Toward Understanding Cellular Symmetry Break-

ing In Vitro

In Chapter 1, we discussed how artificial cell systems reveal the simple physical mech-

anism of the self-organization of the actomyosin network, and how active gel theory

can describe the dynamic behavior of the contracting actomyosin networks. However,

although molecular determinants of contractile behavior have been uncovered, less is

known about how the cellular symmetry breaking is driven by the mechanics of the

actomyosin network. This is because the previous studies mainly focused on the bio-

physical properties of the actomyosin network, such as the effect of F-actin turnover

on sustained actin flow [23, 29] and the effect of actin-crosslinking on contractile be-

havior [26]. Thus, the underlying mechanism of the cellular symmetry breaking is

still poorly understood. To establish a simple physical understanding of the cellu-

lar symmetry breaking, it is necessary to develop a simplified artificial cell model

that extracts the characteristic symmetry breaking of the biological phenomena. To

this end, we develop artificial cells that recapitulate the positioning symmetry break-

ing, shape symmetry breaking, and rotational symmetry breaking, which enables us

quantitative image analysis and physical analysis using active gel theory (Fig. 1.15).

Combining the flexible control of experimental parameters and theoretical modeling

using artificial cells, we will uncover the physical principle underlying the cellular

symmetry breaking that is obscured by the rich complexity of living cells. In the

following Chapters, we will show the outcomes of the research.
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Figure 1.15: Schematic summarizing the ideas and research in this thesis. By ex-
tracting the characteristic symmetry breaking of the living cells using artificial cells,
quantitative image analysis and the development of active gel theory will be enabled,
which will allow us to uncover the physical principles underlying the cellular symme-
try breaking. Images were adapted from [12, 7, 8].
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Chapter 2

Intracellular Symmetry and

Symmetry Breaking

2.1 Introduction

2.1.1 The roles of symmetry in biological systems

Intracellular symmetry and symmetry breaking play pivotal roles from cell migration

to developmental processes. Cell migration onset is determined by the symmetry

breaking of cell shape [7, 11] which navigates the direction of the motion, while

asymmetric cell division occurs during the developmental processes that determine

the head-and-tail polarity [69]. Among such symmetry breaking events, one of the

most important phenomena that is mainly driven by actomyosin networks is the

‘nucleus positioning’ [70]. In the mouse oocyte, which is the pre-matured egg cells

before reductional cell division, the cell nucleus takes the two distinct positions; either

the center or the edge [4, 5, 6] (Fig. 2.1a,b). If the positioning is failed, an abnormal

number of chromosomes are allocated into the daughter cells, causing birth defects

disease [72, 73, 74, 71]. Therefore, the nucleus positioning is the fundamental process

of development. However, the physical mechanism of the nucleus positioning is still

elusive [75], because the complex biochemical signaling pathways and narrow working

condition of mouse oocytes hindered us to quantitatively test the different physical

hypotheses, such as cytoplasmic flow-induced positioning [76, 77] (Fig. 2.1d), actin

meshwork driven contraction [5, 12] (Fig. 2.1b), and actin comet-like pushing force

[78, 79] (Fig. 2.1c).
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2.1.2 Artificial cell as a model of nucleus positioning

To simplify the problem, we develop an in vitro artificial cell model which shows cell-

like nucleus positioning. It has been known that cytoplasmic extracts systems using

Xenopus egg show that a single spherical aggregate is formed inside the droplet, which

is initially formed by the contraction of actomyosin networks [23, 26, 24]. However,

none of the previous studies have so far investigated how the position of the spherical

aggregates is determined by the contractile actomyosin networks. In this study, we

regard this spherical object as a model of the cell nucleus, called a cluster, and studied

how the positioning of the cluster is controlled by the contractile actomyosin networks

in the artificial cells (Fig. 2.2).
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Figure 2.1: (a) Nucleus positioning toward the center of the mouse oocyte, which
is proposed to be driven by the active diffusion induced by Myosin Vb. (b) Spindle
positioning toward the edge, which is proposed to be driven by the contractile actin
meshwork connecting the cluster and the cell membrane. (c) The other group pro-
posed the mechanism of the positioning symmetry breaking driven by the actin poly-
merization induced pushing force. (d) The other group proposed that the signaling
triggers Arp2/3 mediated polymerization when the spindle is approached sufficiently
close to the cell membrane, by which the cytoplasmic flow pushes the cluster toward
the edge. Images were adopted from [4, 12, 76, 77, 78, 79].
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Figure 2.2: (a) Schematic showing the extracts-in-oil droplet. We regard the spherical
aggregates of the debris of the organelles as the model of the cell nucleus. (b) The
droplet size-dependent symmetry breaking of the cluster positioning. The cluster is
located at the center in the large droplets, while it is located at the edge (close to the
surface of the droplet) in the small droplets.
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2.2 Materials and Methods

2.2.1 Experimental setup

Preparation of Xenopus egg extracts. Cytoplasmic extracts of Xenopus egg

were prepared accordingly to the previous publication [16] (frozen extracts were gifted

from Makito Miyazaki in Kyoto University and Yuta Shimamoto in National Institute

of Genetics). The frozen extracts in −80◦C are immediately thawed and incubated on

ice for 1 hour, and then a microtubule polymerization inhibitor Nocodazole 0.2µL (f.

1mM) are added to the extracts and mixed by finger tapping. In addition, a marker

tetramethylrhodamine(TMR)-Lifeact 0.2µL (f. 1mM) was added to the extracts.

TMR-Lifeact is a small peptide only bound to the F-actin, not bound to the G-

actin (monomer actin molecule), thus it is suited to the visualization of actomyosin

networks. Moreover, due to its small peptide nature, it is known that the binding of

TMR-Lifeact does not affect much on the dynamics of actomyosin networks [80, 81,

82].

Preparation of recombinant proteins.

• Recombinant proteins were gifted from Makito Miyazaki (Kyoto University).

Briefly, the VCA domain of mouse WASP cDNA (384-501 aa) was cloned into

pCold-I vector (Takara), expressed in Escherichia coli (E. coli.) (Rosetta(DE3),

Merck Millipore) at 15◦C for overnight in the presence of 1 mM IPTG. The ×6

histidine-tagged mutant was purified over a Ni Sepharose 6 Fast Flow column

(GE healthcare), followed by dialysis against A50 buffer (50 mM HEPES-KOH

pH 7.6, 50 mM KCl, 5 mM MgCl2, 1 mM EGTA) containing 1 mM DTT at

4◦C.

• Recombinant human α-actinin I (×6 histidine-tagged) was prepared in accor-

dance with our previous study [111], except for digestion of the histidine-tag by
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PreScission protease. Purified α-actinin was dialyzed overnight against A150

buffer (50 mM HEPES-KOH pH 7.6, 150 mM KCl, 5 mM MgCl2, 1 mM EGTA)

containing 1 mM 2-mercaptoethanol at 2◦C.

• The severing activity of native gelsolin is regulated by Ca2+ [83]. In this study,

we constructed a constitutively active form of gelsolin by deleting 23 amino

acid residues from its C-terminus [83, 84]. Mouse gelsolin cDNA (1-779 aa)

was cloned into pCold-I vector (Takara), expressed in E. coli. (Rosetta(DE3),

Merck Millipore) at 15◦C for 15 h without IPTG [85]. The gelsolin mutant (×6

histidine-tagged) was purified over a Ni Sepharose 6 Fast Flow column (GE

healthcare), followed by dialysis against A50 buffer containing 1 mM DTT at

4◦C.

• The actin polymerization activity of native formins is regulated by the binding

of Rho GTPases [86]. In this study, we constructed a constitutively active form

of formin by deleting the auto-inhibitory domain [87, 88, 89]. FH1 and FH2

domains of mouse mDia2 cDNA (521-1020 aa) were cloned into pGEX-6P vector

(GE Healthcare), expressed in E. coli. (Rosetta(DE3), Merck Millipore) at 16◦C

for 2.5 h in the presence of 1 mM IPTG. The GST-tagged mDia2 mutant was

purified over a Glutathione Sepharose High Performance column (GSTrap HP,

GE Healthcare), followed by dialysis against A50 buffer containing 1 mM DTT

at 4◦C.

• Protein concentrations were determined using the Protein Assay Kit (500-0006,

Bio-Rad), and using molecular weights of 15,200 Da for his-tagged VCA, 105,300

Da for his-tagged α-actinin I, 80,100 Da for his-tagged gelsolin mutant, and

83,600 Da for GST-tagged mDia2 mutant. Proteins were snap-frozen in liquid

nitrogen and stored at -84◦C.
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PDMS(polydimethylsiloxane) coating on glass cover slips The observation

chamber was made to fix the droplet to avoid its motion driven by the unexpected

flow. To avoid the wetting of droplets onto the glass coverslip, the glass surfaces were

coated by silicone elastomer based on polydimethylsiloxane (PDMS) (Sylgard, 184)

using spin coater (MIKASA), which was cured for 1 hour at 70◦C in an oven.

Preparation lipid-oil mixture. Cytoplasmic extracts droplets must be surrounded

by a lipid membrane to mimic the living cells. Here, eggPC (L-α-phosphatidylcholine

from egg yolk; Nacalai Tesque) was used as a model cell membrane. The 1mM eggPC

and mineral oil (M5904; Sigma Aldrich) was mixed in a 1.5 mL PCR tube, which was

then sonicated (ASU-6, ASU Cleaner; AS ONE) at 60◦C for 1.5 hours. The lipid-oil

mixture was stored at −30◦C.

Extracts-in-oil droplet preparation. Extracts were kept on ice to avoid the

progression of biochemical reactions. The pre-prepared eggPC-mineral oil mixture

was also kept on ice. First, 3 µL of the extracts were added to the lipid-oil mixture,

and the tube was immediately tapped by fingers to form extracts-in-oil droplets. To

place the droplets onto an observation chamber, tip-cut 200 µL micropipettes were

used to avoid shear stress-induced damage to the extracts. Extracts-in-oil droplets 10-

35 µL were gently placed on a PDMS-coated glass coverslip, gently sealed by another

glass coverslip. The chamber height was controlled by the double-sided tape ranging

from 10, 30, 60, and 100 µm to obtain the droplets with aspect ratio within 0.3 <

h/D < 0.6. The observation chamber was also sealed by an epoxy-glue (Araldite) to

avoid unexpected flows (Fig. 2.3).

Preparation of microfluidic chamber. To make the microchamber with various

shapes, a microfluidic device system was constructed (Fig. 2.4). All the following

procedures must be performed in a clean room with efficient ventilation.
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Figure 2.3: (a) Schematic of the experimental setup. The observation chamber was
sealed by epoxy putty, and the height of the chamebr was controlled by the spacer
tape, in which the droplet with aspect ratio within 0.3 < Height/Diameter < 0.6
was analyzed. (b) Zoom-in view showing F-actin polymerized by Arp2/3 and F-actin
depolymerization. The myosin mini-filaments induce contractile forces.

Step I: Spin coating of SU-8 photoresist on a silicon wafer

1. Heat the silicon wafer at 200◦C for 5 min to clean the surface

2. Place the silicon wafer on the spin coater (MIKASA)

3. Put 2mL SU-8 3025 on the center of the silicon wafer

4. The SU-8 solution is extended over the silicon wafer using spin coater at 2000

rpm for 50 s

5. Put the silicon wafer at 95◦C for 5 min (This process is hereafter called ‘soft

bake’, which will make the surface smooth)

6. Cool down the wafer at R.T. for 5 min

Step II: UV-light exposure

1. Ready for the UV-lamp (Nikon) and wait for 5 min to stabilize

2. Put the patterned chromium-photomask on the SU-8 coated silicon wafer

3. Irradiate the UV-light for 20 s
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4. Remove the photomask from the silicon wafer and soft bake it at 95◦C for 5

min

5. Cool down the wafer at R.T. for 5 min

6. Clean the surface of the photomask using Acetone

Step III: SU-8 development

1. Prepare the 30 mL of SU-8 developer solution in a glass vial. The glass vial

must be closed during SU-8 development

2. Put the silicon wafer prepared at Step II into the SU-8 developer to dissolve

the non-irradiated region of the SU-8 photoresist

3. Rotate the glass vial using a rotator for 10 min

4. When all the non-irradiated regions are dissolved, take away the silicon wafer

and splay the Ethanol to the surface of the silicon wafer to remove the SU-8

developer

5. Put the silicon wafer in MilliQ to remove the ethanol

6. Heat the silicon wafer at 200◦C for 15 min

7. Heat the silicon wafer at 95◦C for 1 hr. This is the end of the patterned mold

preparation

Step IV: Preparation of PDMS microchamber

1. Mix the PDMS elastomer with curing agent at ratio 9:1. Incubate the solution

in the fridge for more than 6 hrs to remove the bubbles
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2. The PDMS elastomer was poured on the mold and coated at 300 rpm for 20

sec, then cured at 75◦C for 1 hr

3. Cutout the PDMS sheet from the patterned silicon wafer using a scalpel

4. The depth of the microchambers were determined by a laser scanning surface

profiler (LT-9000; Keyence)

Step V: Preparation of the observation chamber

1. PDMS sheet was gently placed on a plasma-treated glass slide, heated at 75◦C

for 1 hr

2. Afterwards, a flow chamber was constructed on top of the PDMS sheet with a

coverslip and 300 µm thick double-sided tape

3. PEG-PLL solution was supplemented to the chamber and incubated for 3 hrs in

a fridge, which increases the hydrophilicity and prevents non-specific adhesion

of proteins

4. PEG-PLL solution was then dried using an air duster, then the extracts were in-

jected into the flow chamber. Subsequently, mineral oil with 0.5% Cithrol (w/v)

was injected into the chamber to cover the micro-patterns with the monolayer

of Cithrol

5. Finally, the flow chamber was sealed by epoxy glue to stop drift flow.

Procedures 4-5 were performed on ice to avoid actomyosin contraction.
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Figure 2.4: Preparation procedure of the mold and PDMS microchamber. (Step
1) Pour the SU-8 UV curable resin onto the silicon wafer and spread it over the
surface using a spin coater. (Step 2) Iraddiate the UV-light through the patterned
chromium-photomask. (Step 3) Wash out the uncured SU-8 using developer solution.
(Step 4) Pour the PDMS elastomer solution on the mold and heat it for 1 hr for
curing. (Step 5) Cutout the cured PDMS device from the mold. (Step 6) Construct
a observation flow chamber. (Step 7) Observation of the actomyosin dynamics in a
microchamber with defined shapes.

2.2.2 Image analysis

Imaging. Time-lapse images were acquired every 3s using an epi-fluorescence micro-

scope (IX73, Olympus) equipped with ×20 objective lens (TU Plan ELWD ×20/0.40,

Nikon) or ×50 objective lens (TU Plan ELWD ×50/0.60, Nikon), a cooled CMOS

camera (Neo5.5, Andor Technology), and a stable excitation light source (XLED1, Lu-

men Dynamics). Confocal images were acquired using an inverted microscope (IX73,

Olympus) equipped with ×40 objective lens (UPlanFL ×40/1.30 Oil, Olympus), a

confocal scanner unit (CSU-X1, Yokogawa), 561 nm laser (50mW; OBIS, Coherent),

and EM-CCD camera (iXon3, Andor Technology). The laser ablation experiments
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were performed by using a UV pulse laser (Explorer One 349 nm, Spectra-Physics),

equipped with the spinning-disk confocal microscope. For all microscopic examina-

tions, the sample temperature was maintained at 20 ± 1◦C, using a homemade heat

block connected to a water bath circulator.

Quantification of droplet and cluster diameter. Quantitative image analysis

was performed using a custom code written in MATLAB. The center of mass of each

droplet and cluster was detected through binarization of bright field images (Fig. 2.5).

To determine the radius Rdroplet of droplets, the area of each droplet was extracted

and then assumed to be equal to πR2
droplet. The radius of clusters was derived in the

same manner. The contraction velocity of actomyosin waves and the wave period

was quantified by producing kymographs from fluorescence images along the droplet

diameter.

Figure 2.5: (a) An original image taken by bright field microscopy. (b) The binalized
image of (a). (c) The droplet is automatically detected and focused. (d) The image
(c) is binarized and the outline of the droplet is detected. (e) The image (c) is
binarized and the outline of the cluster is detected. (f) Both the droplet boundary
and the cluster boundary is super-imposed on the original image (a), where the ‘◦’
and ‘×’ represent the centroid of the droplet and the cluster, respectively.
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Quantification of F-actin length distribution. The length distribution of the

F-actin was also quantified through the image analysis. The extracts were incubated

at 20◦C for 1 hour. Then, the extracts were diluted 20× by a high salt buffer (20 mM

Tris-HCl pH 7.4, 0.6 M KCl, 1 mM DTT) containing 0.5 µM rhodamine-phalloidin,

to dissociate actin crosslinkers from actin bundles and stabilize the filaments53. The

solution was further diluted by the high salt buffer to lower the filament density and

perfused into NEM-HMM-coated flow chamber to fix actin filaments on the glass sur-

face, then the images were taken by epifluorescence microscopy equipped with ×100

objective lens (PlanApo ×100/1.40 Oil, Olympus) and EM-CCD camera (iXon3,

Andor Technology). The filament length was measured by a custom code written in

MATLAB. First, the fluorescence images of F-actin were binarized. Then, only skinny

and unbranched filaments (eccentricity > 0.9) and those with reasonable sizes (area <

1300 pixels) were selected. Finally, the filaments were converted into one-pixel-wide

sticks, by which the area of sticks was equal to the filament length.



49

2.3 Results

2.3.1 Experiment I: Cluster formation

A few tens of seconds after the confinement, initially polymerized bulk actomyosin

networks started to contract, forming a spherical cluster (Fig. 2.6a). We regard this

cluster as a model of a cell nucleus and studied how the positioning of the cluster

is determined. We confirmed that the cluster is mainly composed of the crushed

organelles using lipid-binding fluorescent marker R18 (Fig. 2.6b). The cluster size

was linearly scaled with the droplet size because the cluster is composed of the debris

of crushed organelles during extract preparation and that amount is proportional to

the size of the droplet (Fig. 2.6c). To avoid the cluster motion being interrupted

by the top and bottom substrates, we only analyzed the droplets with aspect ratio

within 0.3 < h/D < 0.6.
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Figure 2.6: (a) Time-lapse images of the contracting actomyosin network. F-actin is
visualized by TMR-Lifeact. The minutes and seconds are represented as ‘m:s’. (b)
The cluster is fluorecently labeled by R18 (lipid binding fluorescent marker). (c) The
cluster diameter Dcluster dependence on the droplet diameter Ddroplet. All images were
taken by epi-fluorecence microscopy. Scale bars, 100 µm.

2.3.2 Experiment II: Periodic actomyosin wave

Immediately after the cluster formation, ring-shaped actomyosin networks were pe-

riodically generated from the droplet periphery, which was propagated toward the

center (Fig. 2.7a). By making the kymograph from the time-lapse images (Fig.

2.7b), we found that the wave velocity was linearly scaled with the droplet diameter

Ddroplet (Fig. 2.7c), while the wave period was not strongly dependent on the droplet

diameter (Fig. 2.7d).

To understand molecular determinants of the periodic wave generation, we per-
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Figure 2.7: (a) Time-lapse images of the periodic actin wave generation. (b) Kymo-
graph of the periodic actin wave measured along the white broken line spans over the
droplet diameter in (a). The contraction velocity and the period were measured from
the kymograph as indicated by white lines and arrows. (c) Contraction velocity of
actin wave dependence on the droplet diameter. (d) Period of actin wave dependence
on the droplet diameter. Error bars represent SD from the mean velocity averaged
over three successive waves. All images were taken by epi-fluorescence microscopy.
Scale bars, 100 µm.

formed molecular perturbation experiments. First, to see if myosin contractility is in-

volved in the wave propagation, calyculin A (increase the number of active myosin by

inhibiting the phosphatase; i.e., increasing the contractility) (Fig. 2.8b) and Y27632

(decrease the number of active myosin by inhibiting the ROCK activity; i.e., de-

creasing the contractility) (Fig. 2.8c) were added to the extracts. The activation of

myosin contractility accelerated the contraction speed, whereas the inactivation of

myosin contractility slowed down the contraction speed (Fig. 2.9c,d). Moreover, by

further adding the 1 mM Y27632, the wave generation was stopped (Fig. 2.8d). These

results suggest that myosin contractility is crucial for wave propagation. On the other

hand, the addition of CK666 (Fig. 2.8a), which slows down the F-actin polymeriza-
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tion by inhibiting the Arp2/3 complex that nucleates branched F-actin, increased the

wave period (Fig. 2.9a,b). This suggests that the F-actin polymerization via Arp2/3

is involved in the periodic generation of the actomyosin wave. Indeed, complete in-

hibition of F-actin polymerization by the addition of cytochalasin D eliminates the

wave generation (Fig. 2.10a). To further understand the role of F-actin turnover in

the periodic generation of actomyosin waves, we added Phalloidin which stabilizes the

F-actin and inhibits the depolymerization of F-actin into monomer G-actin, thus the

G-actin pool would be used out. Indeed, the periodic wave was stopped after several

waves, showing that the continuous F-actin depolymerization is also important to

maintain the periodic wave generation (Fig. 2.10b).

To summarize, these results show that (i) contractility of myosin is necessary

for actomyosin wave propagation, and (ii) continuous recycling of F-actin through

polymerization and depolymerization (i.e., turnover) is necessary for the periodic

wave generation. These features of periodic wave generation are used to construct

the theoretical model of the actomyosin wave.
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Figure 2.8: Time-lapse images (left) and kymographs (right) under several molecular
perturbations. Clusters were formed at 0 s. (a) CK666 (10 mM) inhibits actin nucle-
ation activity of Arp2/3 complex, thus the wave period is extented. (b) Calyculin A
(300 nM) activates myosin motor by inhibiting the phosphatases of myosin regulatory
light chain, thus the contraction velocity was increased. (c) Y27632 (100 µM) inhibits
myosin motor activity by inhibiting phosphorylation of myosin regulatory light chain
by ROCK, thus the contraction velocity was decreased. (d) By adding the larger
amount of Y27632 (1 mM), initial cluster formation was significantly decelerated and
actin wave disappeared. All images were taken by epi-fluorescene microscopy. Scale
bars, 100 µm.
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Figure 2.9: (a) The wave period dependence on the droplet diameter under several
molecular perturbations. The wave period T was fitted by T = 1.2×10−2Ddroplet+40
(Control), T = 4.7× 10−2Ddroplet + 41 (CK666 10 mM), T = 1.6× 10−2Ddroplet + 40
(Calyculin A 300 nM), T = 0.94 × 10−2Ddroplet + 47 (Y27632 100 µM). Error bars
represent SD from the mean velocity averaged over three successive waves. (b) The
mean wave period averaged over all data points shown in (a). Error bars represent
SD. (c) The wave contraction velocity dependence on the droplet diameter under
several molecular perturbations. The wave contraction velocity v was fitted by v =
1.6 × 10−2Ddroplet − 2.2 (Control), v = 1.6 × 10−2Ddroplet − 1.3 (CK666 10 mM),
v = 1.8 × 10−2Ddroplet + 0.75 (Calyculin A 300 nM), v = 0.63 × 10−2Ddroplet − 0.16
(Y27632 100 µM). Error bars represent SD from the mean velocity averaged over
three successive waves. (d) The mean wave contraction velocity averaged over all
data points shown in (a). Error bars represent SD.
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Figure 2.10: (a) Addition of cytochalasin D (200 µM), the actin polymerization in-
hibitor, eliminated cluster formation and actin wave generation. (b) Addition of
phalloidin (10 µM), the actin depolymerization inhibitor, eliminated actin wave gen-
eration after two wave propagations. Actin polymerization was initiated at 0 s. All
images were taken by epi-fluorescence microscopy. Scale bars, 100 µm.
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2.3.3 Theory I: Active gel model of actomyosin wave

To further understand how the actomyosin wave is generated and contract, we ana-

lyzed the theoretical model of actomyosin wave. Here, we used the two-fluid model

based active gel theory [38, 39]. The contitutive equation can be written as

γ

(

∂u

∂t
− v

)

= ∇ · σ +
fext
d

, (2.1)

where u is the displacement of the gel, v is the velocity of surrounding cytoplasm,

γ is the friction coefficient between the cytoplasm and the gel, σ is the stress tensor

of the gel, fext is the external force applied to the gel, and d is the thickness of the

ring. The stress tensor is composed of the passve elastic stress σel
ij originated from the

F-actin network and the active stress σact
ij originated from the myosin contractility

σij = σel
ij + σact

ij . The passive stress can be written as

σel
ij =

(

λ+
2

3

)

δij∇ · u+ 2µ

(

uij −
1

3
δij∇ · u

)

, (2.2)

where λ and µ is the Lame coefficient of the linear elastic theory, δij is the Clonecker’s

delta, and uij = (∂iuj + ∂jui)/2. The contribution of the viscous dissipation of the

actomyosin networks are assumed to be neglected compared to the friction γ between

two fluids at the scale larger than the mesh size if F-actin network (∼10 nm) [38, 39].

On the other hand, active stress is given by

σact
ij = ζ(cb)∆µδij, (2.3)

where ∆µ is the free energy difference due to the hydration of ATP (Adenosin Triphos-

phate) to generate myosin motor contractility, and ζ(cb) is the proportionality coeffi-

cient, where active stress is assumed to be proportional to the concentration of myosin

motor bound to the F-actin, cb, thus ζ(cb) = ζ0cb (ζ0 is the proportionality constant).
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First, we consider the period of the actomyosin wave. Let t0 be the duration that

the F-actin is polymerized and formed a ring dense enough to transmit contractility of

bound myosin (Fig. 2.11a,b). By taking the center of the droplet as the origin of the

circular coordinate, given that the ring with the radius r thickness d, its constitutive

equation along the radial direction is written as

γ
∂ur

∂t
= B

∂

∂r

[

∂ur

∂r
+

ur

r

]

− ζ0∆µcb
r

+
fwall
d

, (2.4)

where B = λ + 2µ, and the flow induced by the gel’s motion was assumed to be

negligible when the newly polymerized F-actin network is not too dense v ≃ 0 [38, 39].

In addition, fwall is the the counter acting force against the contraction of the gel when

the F-actin is bound to the surface of the droplet (Fig. 2.11a). Because the gel bound

to the droplet surface with radius R is not moving, substituting r = R, ur = ∂tur = 0

to Eq. (2.4) and the stress acting on the wall is given by

fwall =
ζ0∆µcbd

R
. (2.5)

The density of myosin bound to the F-actin is assumed to linearly increase in time,

cb = α(t − t0) (α is the proportionality constant) [20]. Given that it takes a period

T to break the bond between the ring and the droplet periphery, the wave period is

given by

T (R) = t0 +
fth

ζ0∆µαd
R. (2.6)

where fth is the threshold stress to break the bond between the ring and the wall

(Fig. 2.11a). Note that the linear dependence of the period on the droplet diameter is

observed in the experiment (Fig. 2.7d). The weak droplet size dependence of the wave

period can be interpreted as the weak binding between F-actin and the membrane.

In addition, numerical calculation of Eq. (2.4) well reproduces the experimentally
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observed wave propagation profile (Fig. 2.11c-e). Together, these results suggest that

the periodic actomyosin wave is generated at the periphery due to the polymerization

of ring-like actomyosin networks, and that produces inward contractile force that

transports the cluster to the center.

Figure 2.11: (a) The model of periodic actin wave generation. (i) First, F-actin is
polymerized at the periphery of the droplet. (ii) The myosin motor can effectively
generate contractile stress σact when the F-actin network is sufficiently grown and
crosslinked each other after time t0 passed. At the same time, due to the anchoring
between F-actin network and the droplet surface, the counter-actin force fwall is bal-
anced with σact. (iii) Finally, at time T (the wave period), the grown actin wave starts
to propagate when the contractile stress σact exceeds the threshold value fth and broke
the anchoring. (b) Time-lapse images of the growing F-actin network beneath the
droplet surface. (c) A snapshot of ring-like actin wave. (d) The kymograph of wave
propagation extracted from the white broken line in (c). (e) Numerically caluculated
wave propagation profile of Eq. (2.4). We used the the parameters same as [64],
such that γ = 1.5 × 10−4 Pa s µm−2, λ = 0.05 Pa, µ = 0.05 Pa, ζ0∆µ = −0.18 Pa.
Images in (b) were taken by confocal microscopy, and images in (c) were taken by
epi-fluorescence microscopy. Scale bars, 100 µm.
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2.3.4 Experiment III: Symmetry breaking of the cluster po-

sitioning

Actomyosin waves generate inward contractile force to move the cluster to the center.

On the other hand, we found that the cluster is located at the edge in the smaller

droplets (Fig. 2.12a). To quantitatively examine the cluster positioning, we defined

the DC-ratio, which is the distance between the droplet center and the cluster nor-

malized by the droplet radius, thus it takes the value between 0 < DC-ratio < 1 (Fig.

2.12b). After the initial cluster formation, the cluster position was gradually changed

from either the edge toward the center (Fig. 2.12c-e) or from the center toward the

edge (Fig. 2.12f-h), thereafter cluster positions were stabilized approximately after 30

min. By plotting the final stabilized DC-ratio along the droplet size, strikingly, cluster

position sharply become asymmetric around the Ddroplet ∼ 80 µm as the droplet size

decreases (Fig. 2.13a-c). Although there is an inwardly acting force on the cluster by

the periodic actomyosin waves, how can the positioning symmetry be broken?
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Figure 2.12: (a) Representative examples of the droplet size dependence of the cluster
positioning. The stable position of the cluster became off-centered in small droplets.
Images were acquired 1 h after encapsulation. (b) The polarity parameter DC-ratio is
defined as the distance between the droplet center to the cluster centroid, dc, divided
by the radius of the droplet, Rd. DC-ratio is classified into two distinct regimes: larger
than 0.5 is the ‘edge’ and smaller than 0.2 is the ‘center’. (c-e) Typical examples of
the inwardly directed motion of the clusters. (f-h) Typical examples of the outwardly
directed motion of the clusters. The time point at which clusters started to move
(typically ∼1 min after the cluster formation) is defined as 0 min. All images were
taken by epifluorescence microscopy. Scale bars, 100 µm.
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Figure 2.13: (a) Droplet diameter dependence of DC-ratio. We analyzed the stabilized
cluster position more than 1 h after encapsulation. (b) Histogram of DC-ratio for
each 50 µm bins calculated from (a). DC-ratio > 0.5, 0.5 ≥ DC-ratio ≥ 0.2, and 0.2 >
DC-ratio are colored in red, gray, and green, respectively. The top ‘n=’ describe the
number of droplets included in each bar. (c) Edge-positioned probability extracted
from (b) (red-colored bars). Filled circles and the solid curve represent experimental
values and model fitting of Eq. (2.7), respectively. Experimental data were fitted by
Eq. (2.7) using L = 6.1 µm and τ = 0.46 s. Transition diameter Dc = 85 µm at
which edge-probability becomes 0.5 was estimated from the fitting curve. Scale bars,
100 µm.

2.3.5 Experiment IV: F-actin bridge formation

To see how the cluster is moved to the edge, we next focused on the dynamic be-

havior of the actin network. Notably, we found that the bundle-like structure was

connecting the cluster and the droplet when the cluster was oscillating, where the in-

ward movement was induced by wave, thereafter the cluster was outwardly contracted

(Fig. 2.14a-c). We visualized that F-actin bridge using high-resolution confocal mi-

croscopy. Here, we used laser ablation to directly evaluate the contribution of F-actin

on the outward cluster motion (Fig. 2.14d). Indeed, by cutting the bridge, the cluster

was slightly moved toward the center, and in turn, the bridge was reformed between

the cluster and the droplet periphery, by which the cluster was contracted toward

the edge again. These results indicate that the cluster is contracted toward the edge

when the cluster is got connected to the droplet surface via the bridge-like actomyosin

structure.
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Figure 2.14: (a) Snapshot showing the actin wave pushing the cluster toward the cen-
ter of the droplet. (b) The oscillating cluster is indicated by the red arrow. Zoom-in
view shows the bundle-like structures connecting the cluster and the inner droplet
surface. (c) The time dependence of the DC-ratio shows the cluster oscillation cal-
culated from the bright-field image in (b). (d) Laser ablation was performed at the
actin bridge connecting the cluster and the inner droplet surface. The cluster was
slightly moved inward immediately after the laser-cut, whereas the cluster was con-
tracted again toward the droplet surface when the actin bridge was reformed. The
actin bridge is indicated by the white arrow. Images in (a) and (b) were taken by epi-
fluorescence microscopy, and images in (d) were taken by confocal microscopy. Scale
bars, 50 µm.
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2.3.6 Experiment V: The physical role of droplet surface

property on the cluster positioning

To give further insights into the relation between F-actin bridge formation and the

cluster positioning, we changed the droplet surface property (Fig. 2.15a). We rea-

soned that when the cluster is contracted to the edge, the bridge must be connected

to the droplet surface. If so, by decreasing the actin-membrane binding, or by in-

creasing the actin-membrane binding, we could modulate the force generation of the

actomyosin bridge, in turn, the cluster positioning would be affected. In fact, on the

one hand, the larger number of clusters were located at the center when we added

the PEG30-DPHS that prevents F-actin binding to the droplet surface (Fig. 2.15b,

top). On the other hand, the number of edge-positioned clusters was significantly

increased when we added the His-VCA+NiNTA-lipids that enhance the binding of

F-actin at the droplet surface (Fig. 2.15b, bottom). Taken together, these results

suggest that the cluster is transported toward the edge by the actomyosin bridge and

the positioning symmetry is broken.
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Figure 2.15: (a) Schematic illustration showing modulation of the surface property
of the droplet. (top) PEG30-DPHS, a polyethylene glycol (PEG)-based surfactant,
decreases adhesions of bulk actomyosin networks with the droplet surface. (bottom)
The VCA domain of WASP conjugated with a histidine-tag was anchored to the
droplet boundary via Ni-NTA conjugated lipids. VCA activates the local actin nucle-
ation activity by recruiting Arp2/3, thereby the binding of bulk actomyosin networks
with the droplet surface is enhanced. (b) The droplet diameter dependence of the
DC-ratio. Cyan circles represent the control data (egg PC). (top) Passivated droplet
surface promoted the cluster centering, whereas (bottom) activated droplet surface
promoted the edge positioning. Kolmogorov-Smirnov test was applied to the scat-
ter plots of DC-ratio between 50 < Ddroplet < 150 (around the transition point in
the control experiment), where the distributions were significantly different from the
control in both conditions (p < 0.001).
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Figure 2.16: The tug-of-war model. (top) Actomyosin waves push the cluster to the
droplet center in every wave period. The magnified view shows F-actin polymerized
by Arp2/3 complex in the vicinity of the droplet surface. (bottom) When the acto-
myosin bridge is formed during the duration between successive periodic waves, the
actomyosin bridge pulls the cluster to the edge. A magnified view shows the bulk
dynamics of bridge formation, where actin-crosslinking proteins are bound and un-
bound to the F-actin. When the actomyosin bridge was sufficiently inter-connected,
the bridge can generate pulling forces that move the cluster toward the edge.

2.3.7 Tug-of-war model of the cluster positioning

Here, we propose a conceptual model of cluster positioning. On the one hand, newly

polymerized F-actin formed a ring-like structure at the droplet periphery, which is

contracting toward the center and pushing the cluster toward the center (Fig. 2.16,

top). On the other hand, in the bulk space of the droplet, actin crosslinkers and

myosin probabilistically bind and unbind to the actin filaments (Fig. 2.16, bot-

tom). When a bridge-like structure was formed between the cluster and the droplet,

the bridge can generate contractile forces, and the cluster is contracted toward the

edge. Taken together, the competing balance between these inwardly contracting
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actomyosin waves and outwardly contracting actomyosin bridge determines the clus-

ter positioning, which we named a ‘tug-of-war’ model. To experimentally test the

tug-of-war model, we next asked if we can control the cluster positioning based on

the model description. To answer this question, we modulated the property of the

actomyosin bridge to change the balance between the wave and bridge. To this end,

we added several actin-associated proteins which are expected to change the bulk

F-actin properties, such as the extent of F-actin connectivity and F-actin length.

2.3.8 Experiment VI: Molecular perturbations on cluster po-

sitioning

To challenge the bridge formation hypothesis, we sought to control the cluster posi-

tioning by promoting or inhibiting the formation of actomyosin bridges. According

to the actomyosin bridge model, the probability of the bridge formation could be

affected by (i) the concentration of actin-crosslinking proteins and (ii) the length of

individual actin filaments. Thus, we added actin-associated proteins to control the

cluster positioning by changing the connectivity of the actomyosin networks.

First, when we added actin-crosslinking protein α-actinin that increases the con-

nectivity of the network, the number of the edge-positioned cluster was increased

(Fig. 2.17a-c). On the other hand, when we added F-actin cutting protein gel-

solin that decreases the average length of actin filaments, the number of the center-

positioned cluster was increased (Fig. 2.18a-c). Conversely, the number of the edge-

positioned cluster was increased by adding F-actin elongation protein mDia2 (Fig.

2.19a-c). These results indicate that modulation of F-actin length or the extent of

actin crosslinking could change the probability of the actomyosin bridge formation

and, in turn, changes the cluster positioning. Confocal microscopy confirmed that

the individual F-actin length was altered by the addition of gelsolin and mDia2 (Fig.

2.20). Note that the period and speed of the actomyosin wave was not affected by
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this perturbation, suggesting that these perturbations were predominantly affecting

the bulk actomyosin network, not for the newly formed ring-shaped actomyosin waves

(Fig. 2.17d,e, Fig. 2.18d,e, and Fig. 2.19d,e). Together, these results further support

the tug-of-war model in which the probabilistic actomyosin bridge formation controls

the symmetry breaking of the cluster positioning.

Figure 2.17: Addition of actin crosslinker, α-actinin (250 nM). (a-c) Droplet diameter
dependence of the DC-ratio and edge-probability. Edge-positioned probability was fit-
ted by Eq. (2.7) using L = 6.1 µm and τ = 0.09 s. Transition diameter Dc = 115 µm.
(d) Droplet diameter dependences of the wave period and contraction velocity (inset).
The wave period T and contraction velocity v were fitted by T = 1.8×10−3Ddroplet+45
and v = 1.9×10−2Ddroplet−1.1, respectively. (e) Droplet diameter dependence of the
cluster diameter. The scatter plot was fitted by Dcluster = 0.31Ddroplet. Kolmogorov-
Smirnov test was applied to the scatter plots of DC-ratio between 50 < Ddroplet < 150
(around the transition point in the control experiment), where the distributions were
significantly different from the control (p < 0.01).



68

Figure 2.18: Addition of the actin severing protein, gelsolin (300 nM). (a-c) Droplet
diameter dependence of the DC-ratio and edge-probability. Edge-positioned proba-
bility was fitted by Eq. (2.7) using L = 4.3 µm and τ = 0.46 s. Transition diameter
Dc = 60 µm. (d) Droplet diameter dependences of the wave period and contrac-
tion velocity (inset). The wave period T and contraction velocity v were fitted by
T = 1.5 × 10−2Ddroplet + 38 and v = 1.9 × 10−2Ddroplet − 1.3, respectively. (e)
Droplet diameter dependence of the cluster diameter. The scatter plot was fitted
by Dcluster = 0.29Ddroplet. Kolmogorov-Smirnov test was applied to the scatter plots
of DC-ratio between 50 < Ddroplet < 150 (around the transition point in the con-
trol experiment), where the distributions were significantly different from the control
(p < 0.01).
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Figure 2.19: Addition of actin polymerization activator, mDia2 (30 nM). (a-c)
Droplet diameter dependence of the DC-ratio and edge-probability. Edge-positioned
probability was fitted by Eq. (2.7) using L = 10 µm and τ = 0.46 s. Transition
diameter Dc = 138 µm. (d) Droplet diameter dependences of the wave period and
contraction velocity (inset). The wave period T and contraction velocity v were fit-
ted by T = 2.7 × 10−2Ddroplet + 34 and v = 2.4 × 10−2Ddroplet − 3.1, respectively.
(e) Droplet diameter dependence of the cluster diameter. The scatter plot was fitted
by Dcluster = 0.31Ddroplet. Kolmogorov-Smirnov test was applied to the scatter plots
of DC-ratio between 50 < Ddroplet < 150 (around the transition point in the con-
trol experiment), where the distributions were significantly different from the control
(p < 0.01).
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Figure 2.20: The length distribution of F-actin is measured by epi-fluorescence mi-
croscopy. F-actin was fixed and visualized by rhodamine-phalloidin. The length
distribution of gelsolin and mDia2 are significantly different from the control exper-
iment (p-values are displayed; Kolmogorov-Smirnov test). (a) Control experiment.
Mean F-actin length: 1.78± 1.38 µm (sample size, n=4966). (b) Addition of 300 nM
gelsolin. Mean F-actin length: 0.87 ± 0.76 µm (n=7025, p < 10−26). (c) Addition
of 30 nM mDia2. Mean F-actin length: 2.02 ± 1.40 µm (n=4613, p < 10−26). The
typical maximum lengths of F-actin (top 5 % average) in the extracts were 5.7 µm
(control), 3.2 µm (gelsolin) and 6.0 µm (mDia2), respectively. All images were taken
by epi-fluorescence microscopy. Scale bars, 10 µm.
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2.3.9 Theory II: Force percolation description of the tug-of-

war model

The tug-of-war model indicates that the periodically generated actomyosin waves

push the cluster toward the center, while the probabilistically formed actomyosin

bridges pull the cluster toward the edge. Based on this model, one might expect that

the symmetry breaking of the cluster positioning would occur by the disruption of

the balance between these forces, but how does the cluster positioning change with

the droplet size?

To answer this question, we consider the balance between ‘characteristic timescales’

that govern the formation of these distinct actomyosin structures. We have shown

that the actomyosin waves are generated with period T and push the cluster toward

the center, in which the wave period is not much changed with the droplet size. In

contrast, the average formation time τp of an actomyosin bridge would exponentially

increase with the larger droplet sizes, because several actin filaments with the length

of few microns must align over the droplet radius with the length of a few tens microns

1. In this case, the crossover between the wave period T and the bridge formation time

τp would occur as the droplet size increases, in which either one of the actomyosin

structures maturate faster than the other would dominate the cluster positioning,

and thus the cluster positioning would be altered depending on the droplet size (Fig.

2.21a).

The period of wave T (R) generation was modeled in Theory I, while how did the

bridge formation time τp alter with radius R? The actomyosin bridge is expected to

form through probabilistic crosslinking of each actin filaments via actin crosslinker

such as α-actinin. This kind of phenomenon is known to be effectively described by the

1For example, to form an actomyosin bridge with filament length L = 1, we need two or ten fila-
ments in the droplet with radius R = 2 or R = 10 respectively. Given that each filament is intercon-
nected with probability (1/2), we can estimate the bridge formation probability as (1/2)R/L = (1/2)2

and (1/2)10, thus it is exponentially difficult to form a bridge in the larger droplet.
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Figure 2.21: (a) The mechanism of the droplet size-dependent cluster positioning. Ac-
tomyosin waves transport the cluster toward the droplet center every period of T ∝ R,
while stochastically formed actomyosin bridges (mean maturation time τp ∝ eR)
transport the cluster toward the droplet boundary. Since the characteristic time
scales of the two antagonistic forces have different size dependences, the transition
radius Rc is determined by one unique crossover point. (b) The percolation model of
actomyosin bridge formation. We describe the stochastic binding/unbinding dynam-
ics as the percolation process, where crosslinking sites are occupied by crosslinkers
with a probability of 1/2 in every time step τ , where kon and koff indicate the binding
and unbinding rates of crosslinkers, respectively. When all sites (the total number N)
are occupied by crosslinkers after time τp has passed, the actomyosin bridge can gen-
erate contractile stress, by which the cluster is transported toward the droplet edge.
(c) An active gel model of periodic actomyosin wave formation. The wave period is
determined by the sum of three sequential processes: (i) actin network formation by
F-actin growth, (ii) stress generation by myosin binding, and (iii) the ring starts to
contract toward the droplet center.
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percolation theory in which probabilistic connection between individual elements play

a crucial role [58]. Percolation theory is often used to describe the phenomena that

show transition depending on the network connectivity, and percolation transition is

characterized by the emergence of the interconnected network that spans the entire

system [90]. Note that the actomyosin network has distinct aspects depending on

the density of the network: interconnected dense actomyosin networks behave like

elastic material or viscous fluid [44], while the sparse low-density individual filaments

can transmit forces when it comes to crosslinked enough each other [26]. Recently,

the force percolation was found in bulk purified actomyosin network or agent-based

simulation of actin-myosin-crosslinker systems [58, 59, 43].

Here, we constructed the theoretical model of the tug-of-war model based on per-

colation theory. To obtain the analytical expression, we assumed the two-state model

in which the cluster takes only either the center or the edge position for simplicity.

First, the actomyosin waves contract toward the center that places the cluster on the

center at every period T . On the other hand, once the number of ∼ N actin filaments

are interconnected between the cluster and the droplet surface, the actomyosin bridge

can generate contractile force and the cluster is placed at the edge (Fig. 2.21b). Given

that the actin-crosslinking proteins randomly bind and unbind the actin filaments,

the probability of the actomyosin bridge formation is written as (1/2)N . This acto-

myosin bridge must be formed during the period T to place the cluster at the edge,

otherwise, it will be placed at the center by periodic actomyosin waves (Fig. 2.21c).

Therefore, the available trial of the actin-crosslinking events can be written as T/τ ,

where τ = 1/(koff + C0kon) is the characteristic turnover time of crosslinkers [91], C0

denotes concentration of crosslinkers, and kon and koff denote binding and unbinding

rates of crosslinkers on actin filaments, respectively. Thus, the probability of the

actomyosin bridge formation, in which the total number of N actin filaments are in-

terconnected between the cluster and the droplet surface at least one time during the
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period T can be written as p = 1 − [1 − (1/2)N ]T/τ . Given that the average length

of actin filaments L and the radius of the droplet R, the total number of crosslinker

binding sites N can be written as N ∼ R/L. Finally, the edge-positioning probability

of the cluster can be written as

p(R) = 1−
[

1−
(

1

2

)R/L]T (R)/τ

(2.7)

We use Eq. (2.7) to estimate physical quantities and transition diameter Dc at which

p(Dc) = 0.5. Equation (2.7) is fitted to the results of control experiments with the

following two parameters: the contour length of actin filaments L and the turnover

rate of crosslinkers τ , and estimated L = 6.1 µm, τ = 0.46 s, and Dc = 85 µm (Fig.

2.13c). The obtained value of τ is similar to the literature value τ = 0.54 s, given

that koff = 0.66 s−1, kon = 1.2 × 106 M−1 s−1 [92], and the concentration of actin

and α-actinin in Xenopus egg extracts are ∼ 20 µM and C0 ∼ 1 µM, respectively

[93]. Moreover, the obtained F-actin length (L = 6.1 µm) is also nearly consistent

with the experimentally measured value of the top 5% average of the F-actin length

L = 5.7 µm. Here we use the top 5% average of the F-actin length distribution for

comparison because the tug-of-war model predicts that long filaments predominantly

contributes to the network percolation as explained in the following section.

Edge-positioning probability considering the length distribution of F-actin.

Here, we used the top 5% average length of F-actin computed from the length dis-

tribution (Fig. 2.20a). So far, we have only considered the probability of actin-

crosslinking. For a more detailed description, however, we need to take into account

the length distribution of F-actin. This is because the bridge formation time is ba-

sically two steps: (i) The filaments of length l taken from the length distribution

pb(l) align over the distance R, and then (ii) each filaments are inter-connected by

actin-crosslinking proteins in which the number of sites are N ∼ R/l (Fig. 2.22a,b).
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Figure 2.22: (a) Schematic showing the bridge crosslinking process and the subsequent
contraction of the bridge after force percolation. (b) Schematic showing the bridge
alignment with different length of individual F-actin. To derive the more presize
description, here we consider the length distribution of F-actin (in Fig. 2.20) instead
of mean F-actin length. (c) Edge-probability was plotted along the droplet diameter,
compared between original model (blue solid line), the model only considering top 5%
of the longest filaments (orange solid line), and the model considering all the actin
filaments (green solid line).

For step (i), the probability that the filaments with length l align along the droplet

radius R is written as Pb(l) = p(l)R/l/
∫ lmax

0
p(l′)R/l′dl where lmax is the longest length

of F-actin in the distribution. For step (ii), as we discussed already, the probability

that the all N(= R/l) binding sites are not occupied by crosslinkers is written as

g(l) ≡ 1 − (1/2)R/l. Therefore, the probability that there is no bridge consisting of

any F-actin length between lmin < l < lmax is written as

g(lmin)× g(l1)× g(l2) · · · g(lmax) = exp

[ lmax
∑

lmin

log{g(l)}
]

(2.8)

By taking into accout the contribution of the length distribution of F-actin Pb(l), Eq.

(2.8) can be written as exp[
∫ lmax

lmin

log{g(l)}Pb(l)dl]. Finally, the probability that the

bridge formation occurs at least once during period T is given by

p(R) = 1−
(

exp

[
∫ lmax

lmin

log{g(l)}Pb(l)dl

])T/τ

, (2.9)

which is the detailed version of the edge-positioning probability Eq. (2.7).
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By using Eq. (2.9), we compare the following two cases: the edge-positioning

probability calculated by using (i) 100% distribution, or (ii) only top 5% distribution

of actin filaments (Fig. 2.22c). Firstly, for simplicity, we assume that the length

distribution of F-actin is given by p(l) = (1/LA) exp(−l/LA), where the mean value of

the control experiment (∼1.8 µm, Fig. 2.20a) is used for LA. Next, lmax is adjusted to

match the curve Eq. (2.9) to the original curve of the control experiment (Fig. 2.13c)

with using the same values for T . The fitting gives lmax = 7.0 µm. Then, we change

only lmin value and compare the following two cases: (i) using 100% distribution, (ii)

using only top 5% distribution. The curves calculated by using 100% distribution

(green line; lmax = 7.0 µm, lmin = 0 µm) and by using top 5% distribution (orange

line; lmax = 7.0 µm, lmin = −LA∗ log(0.05+(1−0.05)∗exp(−lmax/LA)) = 4.8 µm) are

mostly overlapped (Fig. 2.22c). Thus, we can conclude that it is reasonable to assume

that the top 5% of filaments predominantly contributes to the bridge formation.

Since we found that the top 5% predominantly contributes to the bridge formation,

we can approximate Eq.(2.9) by assuming that only the filaments with a typical

maximum length L participate in the bridge formation. Under this approximation,

we can rewrite l ∼ L and Pb ∼ 1/(lmax − lmin) in Eq. (2.9), which finally corresponds

to Eq. (2.7).

Numerical simulation of the cluster positioning. To further substantiate the

percolation model of the cluster positioning, we performed the stochastic simulation

of the cluster positioning. The basic setup and the meaning of parameters are the

same as in the previous sections, but the only difference is that here we consider

the spatial movement of the cluster, which was not considered so far to obtain the

analytical expression (Fig. 2.23a,b). Here, we assume that the cluster is started to

be contracted toward the edge when the actomyosin bridge is formed between the

cluster and the droplet boundary. We implement this in our numerical simulation as
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Figure 2.23: Numerical simulation of the cluster positioning. (a) Time-lapse images
of an inwardly moving cluster contracted by the actomyosin wave. (b) Time-lapse
images of an outwardly moving cluster contracted by the actomyosin bridge.

follows. In every time step of τ , each crosslinking site takes an “on” or “off” state

with equal probabilities, 1/2. By repeating this trial, the actomyosin bridge starts to

contract the cluster toward the edge when all N sites are occupied by crosslinkers.

The contraction speed is assumed to be equal to the velocity of the actomyosin wave v

for simplicity. At the same time, actomyosin waves are generated from the boundary

every period of T , and they propagate toward the droplet center with velocity v.

We used the diameter D dependence of the T and v same as the control condition

in the experiment (Fig. 2.7c,d). Contraction of the actomyosin bridge is stopped

when the outwardly moving cluster collides with the inwardly propagating wave, and

subsequently, the cluster is started to be transported toward the center of the droplet

by the wave. If the percolation occurs during the transportation by the wave, the

newly formed actomyosin bridge again starts to move the cluster toward the edge.

With this setup, the numerical simulation results and the analytical expression

mostly follow the same trend using the same parameter sets, indicating that the ana-
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lytical expression is a good approximation (Fig. 2.24a,b). The influence of the actin-

crosslinker concentration C0 and the individual filament length L also reproduces the

qualitative trend observed in the molecular perturbation experiments. Note that the

numerical simulation slightly has the larger edge probability in all conditions. This

is qualitatively explained by considering the contribution of the spatial movement of

the cluster. When a cluster is located at the center in the droplet with radius R,

the number of actin-crosslinking sites that is necessary to be occupied is N ∼ R/L.

However, once the cluster is slightly contracted toward the edge, the distance be-

tween the cluster and the droplet periphery is decreased, for example, R → 0.8R.

In this location, the number of actin-crosslinking sites that are necessary to be oc-

cupied is N ∼ 0.8R/L. Reminding that the bridge formation probability is given by

(1/2)N , the spatial movement of the cluster toward the edge exponentially increases

the bridge formation probability. Therefore, the edge probability in numerical sim-

ulation becomes larger than the analytical expression. Together, the analysis of the

numerical simulation clarifies the non-negligible influence of spatial movement on

cluster positioning.
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Figure 2.24: Numerical simulation of the cluster positioning. (a) DC-ratio of the
numerical simulation (top) and the calculated edge-probability (bottom) with differ-
ent F-actin length. Numerical simulation (symbols) and the analytical expression
(solid curves) follows the same trend. (b) DC-ratio of the numerical simulation (top)
and the calculated edge-probability (bottom) with different crosslinker concentration
C0, where crosslinker concentration and turnover rate are related by the expression
τ = 1/(koff + C0kon), where koff = 0.66 s−1 and kon = 1.2 × 106 M−1 s−1. Numeri-
cal simulation (symbols) and the analytical expression (solid curves) follows the same

trend. In the numerical simulations, the time-averaged DC-ratio (1/T0)
∫ T0

0
[dc(t)/R]dt

(T0 = 1800 s) was calculated for each droplet to calculate the average position of the
droplet, which is displayed as purple dots (top). Thereafter, edge probability was
determined from the DC-ratio, where the DC-ratio greater than 0.8 was classified as
‘center’, and smaller than 0.2 was classified as ‘edge’, by which the edge-probability
was calculated.
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Transition points predicted through timescales The above detailed theoret-

ical analysis based on the percolation model showed that the cluster positioning is

determined by the tug-of-war-like balance between the two distinct actomyosin net-

works, that is, the periodically generated actomyosin waves and the probabilistically

formed actomyosin bridges. On the other hand, we can simply predict the transition

radius Rc at which the positioning symmetry breaks by considering the crossover point

of the two timescales, wave period T , and bridge maturation time τp (Fig. 2.21a).

Using the equality T = τp and the radius dependence of the bridge maturation time

τp = τ2R/L, the transition radius is given by

Rc

L
= log2

(

T

τ

)

, (2.10)

where the radius dependence of T is assumed negligibly small according to the ex-

perimental result. Using the experimentally measured top 5% average F-actin length

L = 5.7 µm and the literature value of the crosslinker turnover time τ = 0.54 s, the

transition diameter is given by Dc = 2Rc ∼ 73 µm. This is close to the experimentally

measured transition point Dc ∼ 85 µm, indicating that the timescale picture captures

the main feature of the symmetry breaking of the cluster positioning, which further

substantiates the tug-of-war model. Together, the theoretical modeling of the tug-of-

war model showed that the cluster positioning is determined by the balance between

the two distinct actomyosin structures having different droplet-size dependence of

their maturation timescales.
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2.4 Discussion

In this study, we have investigated how the position of the cluster, a simplified model

of the cell nucleus, is controlled through contractile forces of actomyosin networks.

The artificial cell model allowed us to flexibly control the droplet size, which is usually

difficult in living cells and dissected the entangled contribution of the two actomyosin

structures; actomyosin waves and actomyoin bridges. In mouse oocytes, it has been

reported that F-actin polymerization was enhanced when the nucleus is being trans-

ported to the edge [5]. Based on our findings, this result could be interpreted as the

increased percolation probability of the actomyosin bridge maturation by increasing

the F-actin length. Moreover, we have shown that the enhanced actin-crosslinking

also increases the number of edge-positioned clusters. Using these molecular under-

standings on cellular mechanics will enable us to assist the proper nucleus positioning

by adding these molecular components to reduce the positioning failure and avoid

cell death.

In addition, we showed that the active gel behavior of contractile actomyosin

networks could regulate important cellular functions as the nucleus positioning. Al-

though it is still unclear how the actomyosin waves in living cells could be involved in

the nucleus positioning, some studies reported that the actomyosin waves are gener-

ated during the symmetric cell division in which the nucleus was located in the center

[117] and during cell migration in which the nucleus position become asymmetric [11].

The investigation of the detailed mechanism of wave-driven nucleus positioning will

be a significant future challenge. In addition, we show that the periodic contractile

wave can robustly position the cluster at the center of the asymmetric confinement,

indicating that the actomyosin wave could be a useful tool to robustly control the cen-

tered nucleus positioning and microscale material transport (Fig. 2.25). Besides, this

kind of periodic actomyosin wave generation has not been observed in the previously

reported Xenopus egg extracts systems, where the activity of actomyosin networks
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Figure 2.25: (a) Schematic showing the extracts confined in patterned PDMS cham-
bers which are sealed by the oil containing PEG30-DPHS. The surface of the PDMS
chamber was coated by PEG-PLL, thus both the extract-PDMS interface and the
extract-oil interface were passivated with PEG, eliminating the adhesion of actin
with the boundaries. (b) A bright-field image of the extracts confined in the asym-
metric chambers. Most of the clusters were located near the center even in the highly
asymmetric chamber. Scale bar, 300 µm.

might be lower than the present study [23, 24, 26]. Thus, investigation of the mech-

anism of the periodic actomyosin waves would give a new understanding in the field

of active gel physics and non-linear systems, which will be studied in Chapter 4.

On the other hand, we have also shown that the sparse actomyosin networks could

participate in the cluster positioning. Although force percolation of the actomyosin

networks has been found in the bulk mm-sized purified systems [58, 59, 90], the

present study reports the first evidence of the percolation-like behavior of actomyosin

networks in a cell-sized system, furthermore, it could also regulate the biologically

important function like nucleus positioning. We have also shown the biological ad-

vantage of the percolation through modeling of the positioning, where the spatial

movement could further bias the cluster positioning toward the edge. Such feed-

back mechanism could facilitate the cells to place the nucleus at the edge to perform

asymmetric reductional cell division. However, the detailed physical properties of

the percolation in the cell-sized confinement such as finite-size scaling and how much
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force is exerted by the percolated actomyosin network remain open. Further analysis

using high-resolution microscopy to quantify the orientation and connectivity in the

actomyosin bridge as well as the force measurement using optical tweezer would be

important future works to unveil the percolation mechanism of actomyosin network

in the cell-sized small active systems.

From the physical point of view, two distinct actomyosin structures having differ-

ent physical properties are coexisting in the same system, in which dense actomyosin

networks form gel-like properties while the sparse actomyosin networks exhibit a

gas-like percolation behavior. Interestingly, such coexistence of distinct actomyosin

structures is often observed in living systems. For example, in migrating cells, newly

formed sparse filaments at the cell front are accumulated toward the cell rear by ret-

rograde flow and gradually forms a gel-like structure [11]. Such coexistence of the

distinct actomyosin structures with different physical properties may play a significant

role to realize flexible biological function and susceptibility to response environmen-

tal changes, thus realizing such coexisting actomyosin networks in a better-controlled

manner in artificial cells will be an important future challenge.

2.5 Conclusion

Here, we have shown that the cluster positioning is determined by the balance be-

tween the two antagonistic forces produced by the distinct actomyosin structures; ac-

tomyosin waves and actomyosin bridges. We found that such distinct structures play

a significant role in controlling the precise cluster positioning. The simple theoretical

description of the tug-of-war model allows us to predict the transition point based on

the crossover between the different maturation time scales of wave and bridge, pro-

viding a simple physical understanding of the cellular positioning symmetry breaking.
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Chapter 3

Shape Symmetry Breaking-induced

Droplet Migration

3.1 Introduction

3.1.1 Cell migration under confined environments

Cell migration plays pivotal roles in biological phenomena, ranging from immune cell

response to pathogens [94], cancer cell migration through collagen network in our body

[13] (Fig. 3.1a,b), and even in the migration through living embryo [11]. The key

player driving the migration is the actin cytoskeleton, where actin flow propagating

from the cell front to the rear part of the cell propels the cell body forward, in which

the contractile force of myosin molecular motor sustains the continuous actin flow

[95] (Fig. 3.1c).

Figure 3.1: (a) Time-lapse images of the cancer cell (Walker cell) migrating through
the collagen gel. (b) Schematic showing the cell migrating through collagen and
fibronectin network. (c) The polarized actin distribution which sustains the actin
flow. Images were adopted from [13, 97, 11]
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Figure 3.2: Microenvironments for confined migration in vivo. The extratumoural
microenvironment offers numerous paths for confined cell migration. (a) Alignment
and bundling of collagen fibres at the tumour periphery provide cues for directed
migration. (b) Cells may also migrate through unbundled extracellular matrices
(ECMs), such as fibrillar collagen, which present pore-like migration spaces. (c)
Microtracks also occur both intravascularly and perivascularly. (d) Cells can also
migrate between epithelial or endothelial surfaces, such as those found between muscle
and nerve fibres Figures and Captions were adopted from [98].

Importantly, for cells to migrate, cells must transmit intracellularly generated

contractile forces to the external substrate under confined microenvironments (Fig.

3.2) [97, 98]. A classic example is the cell migration on a 2D substrate, where cells form

focal adhesions strongly bound to the extracellular matrices or patterned substrates

(Fig. 3.3a,c). Thus, cells can efficiently transmit intracellular forces to the substrate,

by which cells migrate [65]. On the other hand, recent studies have shown that

even without focal adhesions, cells can migrate in 3D confinement such as in collagen

network and microchannels, where friction force was proposed as a propulsion force of

the migration [96] (Fig. 3.3b,c). Although a previous study showed that the migration

speed slows down by reducing the friction of the external substrate, how intracellularly

generated contractile forces can be transmitted to the external environment in the
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Figure 3.3: (a) Schematic showing the adhesion-dependent migration on 2D substrate,
where the focal adhesion complex efficiently transmits the intracellularly generated
contractile forces of actomyosin. (b) Schematic showing the adhesion-independent
migration through the 3D confined environments such as extracellular matrix and the
microchannels. (c) Table summarizing the characteristic properties of the adhesion-
dependent and -independent migration. Figures were adopted from [96]

absence of focal adhesion is still poorly understood. This is because the multiple

lipid components of the cell membrane and complex signaling pathways regulating

actomyosin contractility hindered us to study how the physical interaction between

the actin flow and the lipid membrane leads to propulsion force generation in confined

environments.

To solve this bottleneck of the living cell experiments, here we develop a migratory

cell model to investigate how actin-membrane binding can transmit the intracellular
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forces to the external substrate and enable spontaneous migration. Note that pre-

vious artificial cell studies only focused on intracellular structure formation, such as

a contractile ring in water-in-oil droplet [111] and spindle positioning in Chapter 2

[28, 29] (Fig. 3.4a). These studies focused on the inside of the cells, so the droplets

were used as a passive cell wall. On the other hand, cell migration is accompanied

by dynamic shape changes, thus we need to implement such active functional inter-

face. To do so, we focused on the two kinds of characteristic symmetry breaking of

the migratory cells: symmetry breaking of the nucleus positioning and the symmetry

breaking of the cell shape (Fig. 3.4b). We reasoned that, if we can implement such

shape symmetry breaking, droplets could migrate. Indeed, with this strategy, we

successfully realized the cell-like actomyosin droplet migration and then asked what

is the mechanics behind the migration (Fig. 3.4c,d).
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Figure 3.4: (a) Symmetry breaking of the positioning studied in Chapter 2. (b)
Representative image of the spontaneous cell migration through 3D confined spaces
(collagen gel). The migrating cell has the two kinds of broken symmetries, nucleus
positioning and the shape changes. (c) Time-lapse images showing the spontaneous
droplet migration in which both the positioning symmetry breaking and the shape
symmetry breaking were implemented. (d) The droplet outline was superimposed.
Time is color-coded. Images were adopted from [13].
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3.2 Materials & Methods

3.2.1 Experimental setup

Encapsulation of extracts in droplets. Droplets were generated using the method

described in Chapter 2. Here, 0.4 µL of the extracts were injected into 20 µL of

a lipid-oil mixture: 1 mM L-α-phosphatidylcholine from egg yolk (eggPC) (27554-

01; Nacalai Tesque) in mineral oil (M5904; Sigma-Aldrich) for control, and 14%

L-α-Phosphatidyl-D-myo-inositol-4,5-bisphosphate (PIP2) (524644; Merck) in 1 mM

eggPC in mineral oil for actin-membrane binding. The DGS-NTA(Ni) (790404;

Avanti Polar Lipids) was mixed with 1 mM eggPC in mineral oil with a mole fraction

of 7.6% for experiments using 200 nM His-α-actinin and 10% for experiments using

10 nM His-VVCA. Before injecting the extracts, the lipid-oil mixtures were incubated

on ice for more than 5 min. By tapping the sample tube with a finger, we obtained

extracts-in-oil droplets of various sizes. Immediately after emulsification, 3-7 µL of

the emulsion was placed on a PDMS-coated glass slide and gently covered with a

PDMS-coated coverslip on top. The chamber height was controlled by the spacer

thickness.

Preparation of the lipid-oil mixture

1. Mix PIP2 25 µL with eggPC 25 µL at mole fraction of 14% PIP2 in a 1.5 mL

PCR tube.

2. Incubate the PIP2-eggPC mixture in vacuum overnight.

3. Add 160 µL mineral oil (M5904; Sigma-Aldrich) to prepare f. 1mM PIP2-

eggPC-oil mixture.

4. Incubate the tube on a heat block at 80◦C for 10 min.

5. Shake the tube using Vortex-Genei2 for more than 5 s.
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6. Repeat the procedure 4-5 once again.

7. Sonicate the tube more than 2hrs (ASU-6 ASU CLEANER; AS ONE).

8. Store the tube at −30◦C.

Measurement of the viscosity of oil The viscosity of M5904 ηoil = 24.2 mPa s

and low-viscosity oil of ηoil = 14.8 mPa s prepared by mixing 200 µL of M5904 and

41 µL of hexadecane (080-03685; Nacalai Tesque) were measured using an Ostwald

viscometer (φ 0.75 mm) (2-8190-02; AS ONE) at 20◦C in a heat bath.

Magnetic manipulation of actomyosin network. First, 300 µL of magnetic

beads (S1420S, Streptavidin Magnetic Beads; BioLabs) (diameter =1 µm, 4 mg mL−1)

were added to a 1.5-mL tube, and the supernatants were removed while pulling the

magnetic beads using a neodymium magnet. The remaining magnetic beads were

washed with 300 µL of A50 buffer (50 mM HEPES-KOH pH 7.6, 50 mM KCl, 5 mM

MgCl2, and 1 mM EGTA) containing 1 mM DTT, and the supernatants were removed

while pulling the magnetic beads using a neodymium magnet. The A50 buffer did

not affect actomyosin activity [111]. The washing process was repeated three times.

After removing the supernatants, 50 µL of A50 buffer was added (f. 24 mg mL−1).

Before emulsification, 0.4 µL of the magnetic beads were added to the extracts, which

was in turn accumulated by the contracted actomyosin gel. The position of the

actomyosin gel entangled with magnetic beads was controlled by an external magnetic

field by placing the neodymium magnet next to the observation chamber. For image

acquisition to compare the migration speed of polarized actomyosin droplets with

and without actin-membrane binding, polarization was initially built by a magnetic

force in the actomyosin droplet. Thereafter, the magnet was removed, and time-lapse

images were acquired. For image acquisition of the actomyosin droplet recovering the

migration capacity by magnetic force-induced polarization, the magnet was kept next
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to the observation chamber. The chamber height was 100 µm for all the data.

Force transmission microscopy. First, 2 µL of fluorescently-labeled silica beads

(silicastar-greenF, 42-00-103; Corefront) (diameter =1 µm, 50 mg mL−1) were mixed

with 98 µL of DI water (Fig. 3.5). The solution was centrifuged at 15,000 rpm for

5 min. The supernatant was removed by pipette aspiration, and the residual bead

suspension was dried to evaporate the residual DI water on a heat block at 37◦C for

20 min. After completely drying the beads, 100 µL of mineral oil (M5904; Sigma-

Aldrich) was added to the beads, and the resulting 1 mg mL−1 beads-oil mixture was

sonicated for 20 min for resuspension. Next, a flow cell with a height of 100 µm was

constructed using PDMS-coated glass slides and non-coated coverslips. The chamber

height was controlled using double-sided spacer tapes. To place the beads on the

bottom PDMS-coated glass surface, a 15 µL bead-oil mixture was injected into the

flow cell. The flow cell was incubated for 30 min to allow sedimentation of the beads.

After incubation, the top coverslips were gently removed. The excess amount of the

bead-oil mixture was absorbed by a paper. Finally, actomyosin droplets were placed

on the bead-covered PDMS-coated glass slides and gently sealed with a PDMS-coated

coverslip on top. The chamber height was 100 µm for all the data.

Encapsulation of the extracts in annulus 1D microchannel. The PDMS mi-

crochamber was prepared as explained in Chapter 2. Briefly, chromium masks (MI-

TANI micronics) were used to print patterns on SU-8 3025 photoresist (MicroChem)

spin-coated on a silicon wafer using a mask aligner (MA-100; MIKASA). The molds

of the PDMS microwells were constructed on the surface of the silicon wafers. The

PDMS elastomer was poured onto the mold and cured at 75◦C for 1 h. The patterned

PDMS chamber was gently removed from the mold. The depth of the microwells was

measured using a laser scanning surface profiler (LT-9000; Keyence). The chamber

was stored in DI water overnight in a fridge to hydrate. After placing 3-7 µL of the
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Figure 3.5: Preparation procedure of the force transmission microscopy. (Step 1)
Centrifuge the fluorescent beads. (Step 2) Evaporate the residual solution. (Step
3) Add mineral oil and sonicate the tube to disperse the beads. (Step 4) Construct
a flow cell chamber, where the side view of the flow cell is shown. (Step 5) Inject
the beads-oil mixture into the flow cell. (Step 6) Incubate the chamber at R.T. for
10 min for beads to sediment. (Step 7) Remove the top coverslip and absorb the
excess oil. (Step 8) Put the extracts-in-oil droplets on the beads carpet and gently
cover the flow cell by the PDMS-coated coverslip. The right image is taken by the
epi-fluorescence microscopy.

emulsion on a PDMS-coated glass slide, the PDMS chamber was gently placed on

top of the emulsion droplets. We chose this quasi-1D geometry of the annulus mi-

crochannel because the straight 1D channel with inlet and outlet disturbed the initial

polarization and induced unexpected drift flows.

3.2.2 Image analysis

Microscopy. Time-lapse images were acquired every 6 s using an epifluorescence

microscope (IX73; Olympus) equipped with×10 objective lens (U PlanWD 10×/0.25;
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Meiji Techno Japan) or ×20 objective lens (TU Plan ELWD 20×/0.40; Nikon),

a cooled CMOS camera (Neo5.5; Andor Technology), and a stable excitation light

source (XLED1; Lumen Dynamics). The contact area between the droplet and sub-

strate was recorded using a confocal microscope (IX73; Olympus) and a confocal

scanning unit (CSU-X1; Yokogawa Electric Cor. Ltd.) equipped with iXon-Ultra

EM-CCD camera (Andor Technologies) under a 488 nm fluorescence channel. For all

microscopic examinations, the sample temperature was maintained at 20±1◦C, using

a custom-made heat block connected to a water bath circulator and controlling the

room temperature.

Image analysis. Quantitative image analysis was performed using a custom code

written in MATLAB as explained in Chapter 2. The center of mass of each droplet

was detected through the binarization of bright-field images. To determine the radius

R and diameter D = 2R of the droplets, the area of each droplet S was extracted and

then calculated from R =
√

S/π. The aspect ratio of the droplet with h > D was set

to h/D = 1. The droplet speed was calculated from the straight displacement of the

droplet centroid from the initial position to the final position divided by the track

duration. The migration speed of the droplets under 2D confinement was calculated

from the displacement within 10 min. The migration speed of the droplets under the

1D microchannel was calculated from the displacement within 5 min. The contact

angle used for the calculation of f(θ) was estimated from the droplets confined under

1D annulus microchannels by linear fitting of the binarized image at the contact point

(Fig. 3.19). Quantification of the speed of actin flow was performed by producing

kymographs of the fluorescence images. To extract the position of the beads in

force transmission microscopy, particle tracking analysis was performed using the Fiji

plugin TrackMate [99] (https://imagej.net/TrackMate).
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3.3 Results

3.3.1 Experiment I: Effects of actin-membrane binding

Extracts-in-oil droplets were prepared on ice and immediately confined between PDMS-

coated glass slides in the same way as in Chapter 2 (Fig. 3.6a). Here, to mimic the

living migratory cells, we used the actin-binding lipids, PIP2, which is known to re-

cruit F-actin crosslinker α-actinin and Arp2/3 activating VCA domain [100, 101, 102].

Notably, F-actin is localized at the droplet periphery using PIP2, forming a cell-like

cortex (Fig. 3.6b,c).

A few seconds later, the initially polymerized actin network started to contract

toward the center of the droplet without actin-membrane binding, consistent with

the result in Chapter 2 (Fig. 3.7a). In contrast, with actin-membrane binding, a part

of the actin-membrane binding is broken and subsequently, the entire actomyosin

networks were contracted toward the facing periphery, leading to the formation of

cell-like polarity (Fig. 3.7b). To quantify the extent of the polarity, we calculated

the asymmetry parameter Φasym which is defined as the distance between the droplet

centroid and the center-of-mass of the distributed F-actin, normalized by the length

of the long-axis of the droplet (Fig. 3.7c). Without actin-membrane binding, asym-

metry parameter remained close to Φasym ≃ 0, while with actin-membrane binding,

asymmetry parameter sharply rose to Φasym ≃ 0.5 and reached a plateau (Fig. 3.7d).
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Figure 3.6: (a) Schematic of the experimental setup. Extracts-in-oil droplets were
confined between PDMS-coated glass slides. F-actin is bound to the lipid monolayer
interface depending on the composition of the phospholipids (i.e., PIP2). (b) Snap-
shots of extracts-in-oil droplets showing PIP2 dependent localization of F-actin at the
droplet surface. (Right) Membrane interface within white dashed boxes is magnified.
(c) Spatial profiles of F-actin fluorescence across the membrane interface along the
dashed lines in (b) in control (blue) and with PIP2 (red). Data are mean ± SD. All
images were taken by epi-fluorescence microscopy. Scale bars, 100 µm.
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Figure 3.7: (a and b) Time sequence of actomyosin contraction. (a) Actomyosin
contraction without actin-membrane binding (control). (b) Actomyosin contraction
with actin-membrane binding (+PIP2). (c) Asymmetry parameter Φasym is defined
as the center of mass of the F-actin distribution inside the droplet S, normalized by
the length of the droplet long-axis L. (g) Time evolution of Φasym without actin-
membrane binding (blue) and with actin-membrane binding (red). Data are mean ±
SD. All images were taken by epi-fluorescence microscopy. Scale bars, 100 µm.

Surprisingly, immediately after the polarization of the actomyosin networks, the

droplet started to migrate in the direction of the polarity, accompanied by the dy-

namic shape changes (Fig. 3.8a,b). The actin flow was propagating from the front

to the rear part of the migrating droplet, suggesting that the actin flow is key to

droplet migration (Fig. 3.8c). The F-actin was highly accumulated in the rear part

of the droplet, where the droplet was significantly deformed, suggesting that there is
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a contractile force gradient that sustains the polarized actin flow. We confirmed that

either the localization of actin-crosslinking protein α-actinin (Fig. 3.9a) or Arp2/3

activating VVCA domain of human N-WASP (Fig. 3.9b) also enabled the droplet

migration, indicating that the physical interaction between the actin flow and the

lipid membrane is the key factor to generate the propulsion force.

Figure 3.8: (a) Time sequence of the polarization of actomyosin distribution and the
following droplet migration under the height of 60 µm chamber. The white dashed
lines represent the initial droplet outlines. (b) Droplet boundary analyzed from (a).
Time is color-coded. (c) Kymograph measured along the dotted broken line in (a).
All images were taken by epi-fluorescence microscopy. Scale bars, 100 µm.
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Figure 3.9: To mimic the local increase in F-actin density at the droplet interface,
either the F-actin crosslinker His-α-actinin or Arp2/3 activating domain His-VVCA
was localized at the droplet interface via DGS-NTA(Ni) lipids. (a) Schematic of the
recruitment of His-α-actinin at the droplet interface via DGS-NTA(Ni). (b) Time
sequence of the droplet migration under the height of 100 µm chamber. The white
dashed lines represent the initial outline of the droplet. (c) Droplet boundary analyzed
from (b). (d) Kymograph measured along the broken line in (b). (e) Schematic
of the recruitment of His-VVCA at the droplet interface via DGS-NTA(Ni). (f)
Time sequence of a droplet migration under the height of 100 µm chamber. The
white dashed lines represent the initial outline of the droplet. (g) Droplet boundary
analyzed from (f). (h) Kymograph measured along the broken line in (f). All images
were taken by epi-fluorescence microscopy. Scale bars, 100 µm
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Figure 3.10: (a) Schematic summarizing the effect of actin-membrane binding on
polarity and migration speed Vdrop. (b) Schematic of the magnetic force-induced po-
larization. Polarization is induced by applying the magnetic force on magnetic beads
entangled with the actomyosin networks. (c) Time sequence of magnetic force-induced
polarization. (d) The asymmetry parameter without actin-membrane binding (blue)
and with actin-membrane binding (red). Data are mean ± SD. (e) Droplet speed after
polarity induction without actin membrane binding (blue) and with actin-membrane
binding (red). Data are mean ± SD. All images were taken by epi-fluorescence mi-
croscopy. Scale bars, 100 µm.

3.3.2 Experiment II: The role of polarization

We showed that the polarized droplets with actin-membrane binding could migrate,

while the non-polarized droplet without actin-membrane binding could not migrate

(Fig. 3.10a). Because the polarization is coupled with the actin-membrane binding, it

is unclear whether the polarization is a sufficient condition for the droplet migration.

To dissect the physical role of the polarization of the actomyosin network from the

actin-membrane binding, here we used the magnetic manipulation of the polarization

of the actomyosin network (Fig. 3.10b). Dispersed magnetic beads in the extracts

were initially accumulated by the contracting actomyosin network, and the position

of such gel-like structure containing magnetic beads was manipulated by the external



100

Figure 3.11: Time-lapse images showing the droplet with actin-membrane binding
that initially had no polarity started to migrate after magnetic force-induced polar-
ization. The white dashed lines represent the initial droplet outlines. All images were
taken by epi-fluorescence microscopy. Scale bars, 100 µm.

magnetic force (Fig. 3.10c). The polarization of the actomyosin network was initially

built, then the magnetic force was turned off and the time-lapse images were started

to be taken. On the one hand, initially built polarization was comparable between

droplets with and without actin-membrane binding (Φasym ≃ 0.53 for with actin-

membrane binding, Φasym ≃ 0.53 for without actin-membrane binding) (Fig. 3.10d).

On the other hand, only the polarized droplets with actin-membrane binding showed

a clear migratory behavior (Vdrop ≃ 1.15 µm min−1 with actin-membrane binding,

where droplet speed Vdrop were averaged for 5 min) (Fig. 3.10e). Moreover, non-

polarized droplets recovered their migration capacity after the magnetic force-induced

polarization (Fig. 3.11). These results indicate that the polarization of the actomyosin

network alone is not sufficient to drive the droplet migration, but the actin-membrane

binding plays a crucial role in propulsion force generation.



101

Figure 3.12: (a) Schematic of the force transmission microscopy. Beads are displaced
by the actin flow when the contractile force of actin flow F is transmitted to the
bottom substrate. (b) Time sequence of beads transport by actin flow without actin-
membrane binding (top) and with actin-membrane binding (bottom). The white
dotted circles represent the initial position of the beads. (c) Beads within the white
dashed boxes in (b) were tracked. Initial beads positions are indicated by blue arrows.
The chamber height was 100 µm. (d) Beads displacement for 5 min without actin-
membrane binding (n=68 beads under 6 droplets, in blue) and with actin-membrane
binding (n=61 beads under 10 droplets, in red) (Mann-Whitney U-test, p < 0.001).
(e) Schematic showing the droplet migration mechanism. Polarized actomyosin sus-
tains the rearward actin flow, where the contractile force of the actin flow is transmit-
ted to the substrate via actin-membrane binding, by which the counteracting friction
force is generated. All images were taken by epifluorescence microscopy. Scale bars,
100 µm.

3.3.3 Experiment III: The role of actin-membrane binding

To understand the physical role of actin-membrane binding in propulsion force gen-

eration, we performed friction force microscopy inspired by Abercrombie’s seminal

study on cell migration [103]. First, fluorescent tracer beads were placed on the bot-
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tom substrate, thereafter droplets were placed on this beads carpet (Fig. 3.12a). We

reasoned that if the contractile force of actin flow is transmitted from the droplets to

the external substrate, the external beads in contact with the droplets can be moved

with the actin flow. In fact, without actin-membrane binding, we found that the

beads were not moved with the actin flow, while the beads were moved with the actin

flow in the presence of actin-membrane binding (Fig. 3.12b,c). Beads displacement

for 5 min shows the clear difference (Fig. 3.12d). This result indicates that physical

interaction between the actin flow and the lipid membrane can generate friction force

at the membrane-substrate contact area, by which the propulsion force is generated,

showing the key physical role of actin-membrane binding on the force transmission

(Fig. 3.12e).

3.3.4 Experiment IV: The role of confinement on droplet mi-

gration

Force transmission microscopy suggested that the friction force is key to driving the

droplet migration, indicating that the physical contact of the droplet with the sub-

strate could modulate the droplet speed. To test this hypothesis, we compared the

migration speed with and without the substrate confinement (Fig. 3.13a). On the one

hand, without actin-membrane binding, both the confined and unconfined droplets

did not migrate as expected (Fig. 3.13b, left). On the other hand, with actin-

membrane binding, the confined droplets migrated ∼4 times faster than the uncon-

fined droplets (Fig. 3.13b, right).

To further characterize the migration behavior, we calculated the mean-square

displacement (MSD) of the droplets with actin-membrane binding. Notably, con-

fined droplets showed ballistic motion, while the unconfined droplets showed diffusive

motion (Fig. 3.13c). To understand the origin of the distinct migration behavior,

we compared the angle distribution of the trajectory of the droplet centroid and
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Figure 3.13: (a) Schematic showing unconfined and confined droplets. Droplets of
diameter within 100 < D < 300 µm were analyzed at the chamber height of h =
60 µm. (b) Average droplet speed for 10 min without actin-membrane binding for
unconfined (n=22, in light blue) and confined droplets (n=17, in blue), and with
actin-membrane binding for unconfined (n=16, in light red) and confined droplets
(n=32, in red). (c) Mean-square displacement (MSD) of droplet centroids with actin-
membrane binding for unconfined (n=16, in light red) and confined droplets (n=32,
in red).

the droplet polarity. Here, the droplet polarity is defined as the direction from the

center-of-mass of the F-actin distribution to the droplet centroid (Fig. 3.14a). On

the one hand, the angle of the droplet trajectory was randomly distributed for uncon-

fined droplets, while that of confined droplets were much less fluctuated (Fig. 3.14b).

Auto-correlation of the angle of the trajectory showed the correlation time of τ = 40

s for unconfined droplets and τ = 400 s for confined droplets, consistent with the

MSD (Fig. 3.14c). On the other hand, the angle fluctuation of the droplet polarity

was not significant in both cases for confined and unconfined droplets (Fig. 3.14b),

where auto-correlation time was comparable in both cases: τ = 400 s for unconfined

and τ = 500 for confined droplets (Fig. 3.14d). Moreover, the cross-correlation be-

tween droplet trajectory angle and the droplet polarity angle showed that the droplet

polarity was decoupled from the droplet trajectory for unconfined droplets (cross-

correlation ∼ 0), while the droplet polarity was coupled with the droplet trajectory

for confined droplets (cross-correlation ∼ 0.5) (Fig. 3.14e). These results suggested

that the substrate confinement not only transmits the contractile force of actin flow
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to the substrate but also plays an important role to guide the migration direction

along with the droplet polarity.

Figure 3.14: (a) The definition of the centroid tragectory ~s and the polarity of the
droplet ~p, where the vectors are normalized to unity. Polarity of the droplet is defined
as the direction from the center of mass of F-actin to the droplet centroid. The angle
of the trajectory vector and the angle of the polarity vector were measured from the
straight line drawn from the initial to the final droplet position. (b) Angle probability
of the trajectory (~s, in gray) and polarity (~p, in orange) for unconfined (n=16, left)
and confined droplets (n=32, right). (c) Autocorrelation of the trajectory vector.
Least-square fitting was performed by an exponential function exp(−∆t/τc), where
τc is the correlation time. This yielded τc = 51 s for unconfined droplets and τc = 432 s
for confined droplets. (d) Autocorrelation of the polarity vector. Least-square fitting
yielded τc = 547 s for unconfined droplets and τc = 818 s for confined droplets. (e)
Cross-correlation between the trajectory vector and the polarity vector.



105

3.3.5 Conceptual model: Force balance between active fric-

tion and passive fluid drag

Based on the above results, here we provide the model of droplet migration. Con-

sidering a droplet confined between the substrates migrating along with its polarity

axis (Fig. 3.15a). With actin-membrane binding, polymerized actomyosin network

forms a gel beneath the lipid membrane. Because of the contractile force gradient

from the front to the rear part of the droplet, the actomyosin network is contracted

toward the rear part of the droplet, during which the physical interaction between the

actin flow and the membrane exerts shear stress on the external substrate. Because

of the force balance across this interface, the external friction force was applied to the

droplet F contact
fric in the opposite direction to the actin flow. In contrast, friction force

was not generated at the lateral extracts-oil interface due to the much large viscosity

of the actomyosin gel than the viscous oil (ηoil/ηact ≪ 1 [13, 104]). Therefore, the

droplet migration is driven by the active friction force generated at the top and bot-

tom contact area, while the droplet experiences the passive fluid drag Fdrag from the

surrounding viscous oil. Thus, force balance across the droplet surface can be written

as

F contact
fric + Fdrag = 0, (3.1)

by which the droplet migration speed is determined.

In the first place, one might expect that the droplets migrate faster under the

stronger confinement, because the larger contact area would increase the active fric-

tion F contact
fric ∝ πR2

c . However, Stokes’ hydrodynamics dictates that the viscous drag

is increased under stronger confinement as Fdrag ∝ ηoil∇voil. Therefore, examining

such confinement geometry dependence of the droplet migration speed is key to un-

derstanding the mechanism of the actomyosin-based migration in confined spaces.
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Figure 3.15: (a) Schematic summarizing the forces applied to the droplet during
migration. Given that a droplet of diameter D with migration speed Vdrop is confined
under 2D confinement of height h, which is propelled by the active friction Ffric

induced by actin flow and the droplet experiences passive drag force Fdrag from the
surrounding oil. (b) Droplet size dependence of the migration speed under h = 30
µm (blue circles), h = 60 µm (yellow triangles), and h = 100 µm (red squares). (c)
Height dependence of the averaged droplet speed between 100 ≤ D ≤ 200 µm under
high viscosity oil (ηoil = 24 mPa s, in blue) and low viscosity oil (ηoil = 15 mPa s, in
orange). Data are mean ± SD. Solid lines correspond to the theoretical model Eq.
(3.2) plotted with using averaged droplet diameter D ≃ 140 µm for ηoil = 24 mPa s
and D ≃ 148 µm for ηoil = 15 mPa s.

3.3.6 Experiment V: Effect of geometry on migration speed

To examine how confinement geometry influences the migration speed, we first changed

the droplet diameter D in the range of 80 < D < 350 µm. We found that the

droplet speed is increased with the larger droplet diameter in any chamber height at

h = 30, 60, 100 µm, consistent with the theoretical prediction (Fig. 3.15b). Next,

we examined the confinement height dependence of the droplet speed by averaging

the droplet speed within diameter 100 ≤ D ≤ 200. Notably, droplet speed had a
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Figure 3.16: (a) Scatter plot of the droplet migration speed versus its diameter D in
h = 30 µm (n=27, blue circles), h = 60 µm (n=65, yellow triangles), and h = 100 µm
(n=78, red squares) under low viscosity oil (ηoil = 15 mPa s). (b) Aspect ratio h/D
dependence of the migration speed under low viscosity oil (ηoil = 15 mPa s). The
scatter plot shows individual data for h = 30 µm (n=27, blue circles), h = 60 µm
(n=65, yellow triangles), and h = 100 µm (n=78, red squares), and larger symbols
show binned averaged data with mean ± SD. Solid lines correspond to the theoretical
model Eq. (3.2).

peak at h = 60 µm, indicating that there is a geometric competition between active

friction and fluid drag (Fig. 3.15c). We confirmed the influence of the fluid drag by

decreasing the surrounding oil viscosity from ηoil = 24 mPa s to ηoil = 15 mPa s,

which was resulted in the faster droplet migration (Fig. 3.15c and Fig. 3.16). Note

that the geometry dependence of the actin flow speed was not significant, and it was

not correlated with the droplet speed (Fig. 3.17), suggesting that the geometry de-

pendence of the droplet speed is originated from the change in the substrate contact,

not from the variation of the actin flow speed.
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Figure 3.17: (a-c) Scatter plots of actin flow speed with surrounding oil viscosity
ηoil = 24 mPa s. (a) Scatter plot of actin flow speed versus diameter D of actomyosin
droplets in h = 30 µm (n=24, blue circles), h = 60 µm (n=16, yellow triangles),
and h = 100 µm (n=42, red squares). (b) Scatter plot of actin flow speed versus
aspect ratio of the droplet h/D. (c) Scatter plot of actin flow speed versus droplet
speed. The larger symbols represent binned averaged data with mean ± SD. (d-f)
Scatter plots of actin flow speed with surrounding oil viscosity ηoil = 15 mPa s. (d)
Scatter plot of actin flow speed versus diameter D of actomyosin droplets in h = 30
µm (n=24, blue circles), h = 60 µm (n=53, yellow triangles), and h = 100 µm (n=74,
red squares). (e) Scatter plot of actin flow speed versus aspect ratio of the droplet
h/D. (f) Scatter plot of actin flow speed versus droplet speed. The larger symbols
represent binned averaged data with mean ± SD.
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Figure 3.18: (a) Time sequence of the actomyosin droplet containing purified GFP
as a volume marker. Confocal microscopy was performed to focus on the contact
area between the droplet and substrate. The height of the chamber was 60 µm. (b)
The contact area (yellow colored area) was analyzed from the confocal images after
binarization. (c) The time evolution of the contact area between the droplet and the
substrate, normalized by its value at 0 min. The contact area of the droplet remained
mostly constant over 10 min. Scale bars, 100 µm.

3.3.7 Theory I: Geometry dependent migration model

To understand the physical mechanism of such geometry dependence of the migra-

tion speed, we devised a theoretical model. We consider a droplet migrating in the

direction of the polarity (Fig. 3.15a). For simplicity, the droplet shape is assumed

to be a circle, while the result was not significantly affected by the asymmetry of the

droplet shape because the ratio of the droplet long-axis to short-axis was ∼0.87 (Fig.

3.22). We assumed that the droplet shape is unchanged over the migration, which

was confirmed by confocal microscopy (Fig. 3.18).

In the presence of actin-membrane binding, the physical interaction between the

contracting actomyosin network and the lipid membrane creates shear stress σact =

αvact at the droplet-substrate interface, where α is friction coefficient and vact is the

speed of the actin flow. As a result, the counter-acting active friction force F contact
act

was exerted on the droplet, by which the droplet migrate forward by balancing with

the passive fluid drag Fdrag.
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Figure 3.19: (a) Schematic of a confined droplet, where contact angle θ was used
to calculate contact radius Rc = R − (h/2)f(θ), f(θ) = −(| tan θ| + 1/ cos θ). (b)
Procedure of contact angle measurement. Using the droplet confined in PDMS mi-
crochannels, contact angle between PDMS and droplet interface was analyzed. (i,
ii): The contact point is cropped from the front side of the droplet to avoid the
local deformation at the rear induced by actomyosin contractility. (iii) The image
was binarized and the tip of the contact angle was cropped. (iv) Contact angle was
measured from the angle between two lines that were drawn by performing a linear
fitting for the sides of the triangle. (c) Boxplot showing the contact angle between
PDMS and droplet interface (n=30 contact points, θ = 154.7 ± 4.5 deg., mean ±
SD). All images were taken by epifluorescence microscopy. Scale bar, 100 µm.

In this situation, we calculated the confinement geometry dependence of the

droplet speed Vdrop using the force balance Eq. (3.1). The total active friction is

given by integrating the σact over the contact area, thus F
contact
fric = −2

∫

πR2
c

(αvact)dS ≃

−2(αvact)πR
2
c , where Rc ≡ R − (h/2)f(θ) is the contact radius, R is the droplet ra-

dius, f(θ) = −(| tan θ| + (1/ cos θ)) is the geometric constant, and the θ = 154.7o is

the contact angle at the droplet-substrate interface. To calculate the contact area,

the contact angle was measured by confining the droplet in PDMS microchannels

(Fig. 3.19). The fluid drag is given by Fdrag ≃ ηoil∇2voil(πR
2h) ∼ ηoil[(D/2)−2 +

(h/2)−2]Vdrop[π(D/2)2h], this is because the velocity gradient of the surrounding fluid

across both the radial direction of the droplet and the vertical direction of the cham-

ber height controbute to viscous dissipation [105]. Thus, using the force balance Eq.
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Figure 3.20: Geometric scaling of Eq. (3.2). The scatter plot shows individual data
(n=305), and squares show binned averaged data with mean ± SD. The solid lines
show the linear fitting to the experimental data, which yielded α = 1.7 × 102 Pa s
m−1.

(3.1), the migration speed is given by

Vdrop =
αvact
2ηoil

h

(

1 +

(

h

D

)2)−1(

1− h

D
f(θ)

)2

. (3.2)

To obtain the geometry-independent friction coefficient α, we scaled the droplet speed

to 2ηoilVdrop/(vactD) using ηoil = 24 mPa s with vact ≃ 54 µm min−1 and ηoil = 15

mPa s with vact ≃ 62 µm min−1 (Fig. 3.17). This geometric scaling was observed

in the experimental data and the linear fitting yielded α = 1.7× 102 Pa s m−1 (Fig.

3.20). We estimated the friction stress F contact
fric /(2πR2

c) ≃ αvact ≃ 0.16 mPa, which is

several times smaller than the friction stress & 1 mPa of migrating cells in confined

spaces [13]. This might be because of the weaker actin-membrane binding than the

living cells, or lower F-actin density compared to the actomyosin cortex of living cells.

Notably, using only one obtained parameter α, this model reproduced the geometric

dependence of the droplet speed well (Fig. 3.15c, Fig. 3.16b, and Fig. 3.21).

We can now explain how the migration speed is determined by the confinement
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Figure 3.21: Aspect ratio h/D dependence of the migration speed under high viscosity
oil (ηoil = 24 mPa s). The scatter plot shows individual data for h = 30 µm (n=27,
blue circles), h = 60 µm (n=32, yellow triangles), and h = 100 µm (n=77, red
squares), and larger symbols show binned averaged data with mean ± SD. Solid lines
correspond to the theoretical model Eq. (3.2).

geometry, namely the aspect ratio h/D of the droplet (Fig. 3.21). The droplet shape

is close to a pancake for the small aspect ratio close to 0, while the droplet shape is

close to a sphere for the aspect ratio close to 1. On the one hand, with a fixed chamber

height, the larger droplet has a larger contact area, thus the larger friction outweighs

the increase in the fluid drag, leading to the faster droplet migration ((i) h ≪ D).

On the other hand, given that a droplet with a fixed volume πR2h = const., active

friction scales as F contact
fric ∼ h−1, while the fluid drag scales as Fdrag ∼ h−2. Thus,

as the chamber height becomes smaller, the increase in the fluid drag outweighs the

active friction, leading to the slower droplet migration ((ii) h → 0). Conversely, as

the aspect ratio approaches 1, although the fluid drag decreases, the active friction

is inevitably decreased due to the smaller contact area between the droplet and the

substrate, leading to the smaller droplet migration ((iii) h ∼ D). Together, these

results provide physical constraints on the actomyosin-based motility under confined
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environments, which is governed by the geometric trade-off between the active friction

and the fluid drag.

3.3.8 Theory II: The influence of the asymmetric shape on

migration speed

Here, we examine the contribution of the asymmetric droplet shape to migration.

We assume that the asymmetric droplet shape is an ellipse with a minor axis length

D1 and major axis length D2, which is a reasonable approximation according to

the experiment (Fig. 3.22a). For the analytical calculation, the droplet shape is

assumed to be constant over time, in other words, the symmetricity β ≡ D1/D2 is

a constant. We also assume that the symmetricity is constant for droplets of any

size, β ∼ 0.87 (Fig. 3.22b). The main difference from the symmetric case of the

droplet with diameter D is that the larger the droplet deformation, the smaller drag

force is exerted from the surrounding oil. This is qualitatively expected from the

geometric dependence of the drag force, F symm
drag ∼ ηoil∇2voil(πR

2h) ∼ ηoil[(D/2)−2 +

(h/2)−2]Vdrop[π(D/2)2h] = ηoil[1 + (D/h)2]Vdrop(πh). In an extreme case in which

the long axis D2 is much larger than the short axis D1, the viscous dissipation is

dominated by the front and rear side of the droplet, thus F symm
drag is rewritten as F asym

drag ∼

ηoil∇2voil[π(D1/2)
2h] ∼ ηoil[(D1/2)

−2+(h/2)−2]Vdrop[π(D1/2)
2h] = ηoil[1+ (D1/h)

2]×

Vdrop(πh), where the minor axis length is smaller than the symmetric droplet radius,

D1 < D [105].

By using the force balance across the droplet interface, Eq. (3.1), the migration

speed of the asymmetric droplet is given by

Vdrop =
αvact
βηoil

h

(

1 +

(

h

βD2

)2)−1(

1− h

βD2

f(θ)

)(

1− h

D2

f(θ)

)

, (3.3)

where the definitions of the parameters are the same as in the symmetric droplet case.
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Figure 3.22: (a) The droplet shape is not a perfect circle because accumulated acto-
myosin at the trailing edge exerts surface tension on the droplet interface. The ellipse
approximates well the droplet shape, so we performed ellipsoidal fitting to the droplet
shape with the minor axis length D1 and the major axis length D2. We quantified
the symmetricity of the droplet, defined as the ratio of the minor axis length over
the major axis length, β = D1/D2. The symmetricity of the droplet displayed in the
image is 0.91. (b) Aspect ratio h/D2 dependence of the symmetricity, where h is the
chamber height. The symmetricity averaged over all the droplets is D1/D2 ≃ 0.87,
showing that the droplet shape is close to a circle. (c) Geometric scaling of Eq. (3.3).
The scatter plot shows individual data (n=305), and squares show binned averaged
data with mean ± SD. The solid line shows the linear fitting to the experimental
data, which yielded α = 0.7× 102 Pa s m−1. The image was taken by epifluorescence
microscopy. Scale bar, 100 µm.

This geometric scaling relation can be observed in the experiments, where a linear

fitting yielded α = 0.7× 102 Pa s m−1 (Fig. 3.22c). By using the averaged actin flow

velocity vact ≃ 58 µm min−1, we find the friction stress αvact ≃ 0.07 mPa, which is

comparable to the symmetric case.
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3.3.9 Experiment VI: Migration in 1D channel

Finally, we confined the droplets in a 1D microchannel to dissect the effect of active

friction from the fluid drag, where we can increase the contact area without changing

the channel width (Fig. 3.23a). We designed the quasi-1D PDMS microchannel which

was put on the extracts-in-oil droplets, where the shape change of the droplet was

suppressed due to the complete contact with the channel wall. Notably, actomyosin

droplets can migrate through such a 1D microchannel, suggesting that the active

friction is an effective way to enable actomyosin-based migration in strongly confined

spaces (Fig. 3.23b,c). To see the geometry dependence of the migration speed, we

varied the channel width at w = 100 µm and w = 150 µm with a fixed channel height

of h = 60 µm, and the major axis length of the droplets L from 125 µm to 520 µm, by

which the migration speed varied from 2.6 µm min−1 to 12.9 µm min−1 (Fig. 3.23d,e).

We confirmed that the droplet speed did not significantly correlate with either the

confinement geometry or the actin flow speed (Fig. 3.24). The theoretical fitting

of the geometric scaling yielded the friction stress αvact ≃ 0.26 mPa (Fig. 3.25a).

Thus, active friction-driven migration provides the same extent of propulsion force in

both 1D and 2D confinement. The migration speed was ∼1.8 times larger for longer

droplets at a smaller aspect ratio, suggesting that the larger contact area contributes

to a larger total active friction (Fig. 3.25b).
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Figure 3.23: (a) Schematic showing 2D and 1D confinement with experimental setup.
The 1D closed channel patterns are designed at the PDMS chamber (Methods), which
is placed onto extracts-in-oil droplets. The zoom-in view shows a representative image
of droplets confined in 1D closed channels. (b) Time sequence of a droplet migration
under 1D confinement with channel width of 100 µm and height of 60 µm. The white
dashed lines represent the initial outlines of the droplet. (c) Kymograph of the actin
flow extracted from the white dotted broken line in (b). (d) Schematic showing the
channel geometry defined by the width w, and the major axis length of the droplet
is L. Channel height is fixed as 60 µm. (e) Droplet length dependence of the droplet
speed under w = 100 µm (n=24, blue circles), w = 150 µm (n=18, red triangles). All
images were taken by epifluorescence microscopy. Scale bars, 200 µm.



117

3.3.10 Theory III: Physical model of droplet migration in a

1D closed chamber

Here, we provide a simple description of droplet migration under the 1D closed mi-

crochannel. In the experiment, we used the annulus microchannel of height h, width

w, where the migrating droplet of length L was fully confined in contact with the

channel wall. To derive an analytical expression, we assume that the shape of the

chamber is cylindrical with radius a and calculate the fluid flow under 1D geome-

try for the sake of simplicity because the scope of our interest is geometric scaling

with L. First, because of the incompressibility of fluids, droplet motion with speed

Vdrop induces the oil flow with mean velocity v̄oil ∼ Vdrop around the droplet. Given

the cylindrical channel shape, the motion of the droplet creates a Hagen-Poiseuille

flow of the oil in the chamber with the velocity averaged over the cross-section

v̄oil = (a2/8ηoil)|∂p/∂x|, where p is the pressure driving the fluid flow, and the x-

axis is the direction of the flow. Because of the continuity of the pressure across the

droplet interface, the fluid around the droplet has a pressure same as the inside the

droplet, which is driven by the friction force averaged over the cross-sectional area,

ffric = Ffric/(πa
2). Thus, the pressure gradient that drives the fluid flow is approxi-

mated as |∂p/∂x| ∼ ffric/L. The active friction force is calculated by integration over

the contact area, ffric = −αvact(2L/a)(1 − 2af(θ)/L). The force balance condition

on the droplet can be written as Ffric + Fdrag = 0, which is obtained from the Hagen-

Poiseuille law by defining the passive drag force in the channel as Fdrag ≡ −ξVdrop,

where ξ = 8πηoilL is the effective drag coefficient in the 1D closed microchannel.

Therefore, the droplet speed under the 1D microchannel can be written as:

Vdrop =
αvact
8ηoil

2a

(

1− 2a

L
f(θ)

)

. (3.4)

To compare the theoretical model with the experiment, we approximately assumed
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Figure 3.24: (a) The droplet length dependence of actin flow speed in w = 100 µm
(n=17, blue circles) and w = 100 µm (n=17, red triangles). (b) Actin flow speed
in droplets of various aspect ratio under 1D closed channel. The scatter plot shows
individual data for w = 100 µm (n=17, blue circles) and w = 150 µm (n=17, red
triangles), and larger symbols show binned averaged data with mean ± SD. (c) Actin
flow speed in droplets with various migration speed under 1D closed channel. The
scatter plot shows individual data for w = 100 µm (n=17, blue circles) and w = 150
µm (n=17, red triangles), and larger symbols show binned averaged data with mean
± SD.

2a ∼ w. The droplet speed was scaled to 8ηoilVdrop/(vactL) using ηoil = 24 mPa s with

vact ≃ 43 µm min−1 (Fig. 3.24a). The least-squares fitting of the experimental data

(Fig. 3.25a) yields α = 3.6 × 102 Pa s m−1, and the aspect ratio dependence of

the droplet speed was reproduced by the theoretical model (Fig. 3.25b). By using

the actin flow speed vact ∼ 43 µm min−1 (Fig. 3.24a), we find the friction stress

αvact ≃ 0.26 mPa, which is comparable to the 2D migration.
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Figure 3.25: (a) Geometric scaling of Eq. (3.4). The scatter plot shows individual
data (n=42), and squares show binned averaged data with mean ± SD. The solid
lines show the linear fitting to the experimental data, which yielded α = 3.6× 102 Pa
s m−1. (b) The aspect ratio w/L dependence of droplet speed in 1D closed channel.
The scatter plot shows individual data for w = 100 µm (n=24, blue circles) and
w = 150 µm (n=18, red triangles), and larger symbols show binned averaged data
with mean ± SD. Solid lines correspond to the theoretical model. The top schematic
illustrates that the larger the contact length, the larger active friction induces a faster
droplet speed.
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3.4 Discussion

In Chapter 3, we developed the migratory actomyosin droplet by implementing the

shape symmetry breaking which expands the positioning symmetry breaking in Chap-

ter 2. The key was the physical interaction between contracting actomyosin networks

and the lipid membrane, which realizes both polarization of actomyosin networks

and efficient force transmission to the external substrates. Note that previous studies

mostly focused on the intracellular self-organization of actomyosin networks, while the

present study is the first experimental demonstration of actomyosin-based motility of

artificial cells. Therefore, the physical roles of the compartmentalization are expanded

from the passive wall to the active functional interface generating the propulsive force.

In living cells, migration onset is triggered by the polarization of the actomyosin

network that sustains polarized actin flow, thereafter the friction force generated

by the actin flow propels the cell body forward [11, 13]. Notably, we showed that

such polarization and force transmission can be achieved by the self-organization of

membrane-bound actomyosin networks alone, without the help of biochemical signal-

ing nor specific adhesive proteins [65]. The mechanical interaction between the actin

flow and the membrane interface was crucial to establish polarized actomyosin net-

works as well as generating active friction, by which actomyosin droplets can migrate

in a wide range of confined environments from 2D to 1D systems.

Recent studies have shown that substrate friction tunes cell migration speed [13].

However, how the friction force is originated from the actin-membrane interaction

and transmitted to the substrates has been poorly understood, because of the com-

plexity of membrane composition, actin-membrane interaction, and transmembrane

proteins. Here, by developing an in vitro migratory cell model, we can specify the

actin-membrane interaction and the membrane-substrate interaction. Strikingly, our

results showed that (i) actin-membrane binding and (ii) substrate contact are suf-

ficient to transmit intracellular contractile forces to the external environments, un-
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covering the essential physical factors for efficient force transmission. Note that the

strong actin-membrane binding is inherently equipped as dense cortical actomyosin

networks in living cells [9], while the cellular environments such as tissues and extracel-

lular matrix are generally confined environments [95, 96], providing sufficient contact

with the cell membrane. Thus, the proposed model emphasizes the importance of

both intracellular active gel dynamics and physical contact with the substrates that

enable efficient force transmission to the external environments.

In addition, the cellular polarity of membrane-associated actomyosin networks is

also important for avoiding random cell motility and building persistent directionality

[106]. We showed that such directional migration can be achieved by sufficient con-

tact with the substrate. Correlation analysis between the polarity and the trajectory

revealed that the migration trajectory was significantly more directed in parallel to

the polarity under confined environments. This result suggests that physical con-

tact can transmit intracellular polarity to guide the directed migration. Note that

a spontaneous random motion of active droplets using microtubule-kinesin systems

was previously reported [107]. Our actomyosin-based migratory droplets will expand

such in vitro random motility into directional one, providing a way to extract effective

mechanical work from active cytoskeletal systems.

Moreover, we found that the migration speed of actomyosin droplets can be con-

trolled through confinement geometry, namely, it was slower under stronger confine-

ment. The theoretical model suggested that the geometry-dependent balance between

active friction and passive fluid drag determines the migration speed. Understand-

ing such fundamental physical limitations in confined spaces will allow us to set the

founding ground to control actomyosin-based motility from in vitro models to in vivo

situations.

Recent studies have shown that mechanical stress on the nucleus imposed by

confinement triggers mechanotransduction and, in turn, contractility was increased
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in confined cells [108, 109, 110]. This might be an adaptation strategy of living cells

to overcome the large viscous resistance in strongly confined environments. To shed

further light on the mechanical roles and self-organization principles of active gels

obscured by a rich complexity of living cells, the development of artificial cells that

organizes chemo-mechanical coupling would be significant future research.

3.5 Conclusion

Here, we made migratory artificial cells to study how contractile forces are efficiently

transmitted to the external substrates under 3D confinement. We found that physical

interaction between the actin flow and lipid membrane is key to generating propul-

sion force, which we called active friction. We uncovered that the geometric balance

between active friction and passive fluid drag determines the migration speed regard-

less of the complexity of the confinement geometry from 1D to 2D environments.

Together, not only do these results provide a physical basis of the actomyosin-based

motility in cell-sized confined spaces but also this actomyosin droplet opens a new av-

enue for designing bottom-up strategies to control self-propelled motility in confined

spaces ranging from microfluidic engineering to cell biology.
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Chapter 4

Rotational Symmetry Breaking of

Actin Waves

4.1 Introduction

4.1.1 Pattern formation and symmetry breaking

The symmetry breaking is the basis of the pattern formation in biological systems

from fish skin pattern [112] to the oscillatory pattern of Min system observed in bac-

teria [113, 114]. Such spatial pattern formation via translational symmetry breaking

is often observed in reaction-diffusion systems. In reaction-diffusion systems of two

species composed of activator and inhibitor system, the symmetry breaking arises

from the Turing instability, where the faster inhibitor diffusion stabilizes the initial

small fluctuation in spatial pattern [115]. On the other hand, the physical mecha-

nism of the symmetry breaking induced by the active force generation of the actin

cytoskeleton is still poorly understood. Such contractile force-driven symmetry break-

ing is underlying various biological phenomena, ranging from the revolving wave in

epithelial cells [116] (Fig. 4.1a), chiral symmetry breaking of radial actin flow in fi-

broblasts [8] (Fig. 1.1c), rotational surface wave in dividing cells [117] (Fig. 4.1c), to

circus movement of bleb in Xenopus blastomere [118] (Fig. 4.1b). Although recent

theoretical studies proposed that translational symmetry breaking could be achieved

by the competition between active stress and diffusive relaxation [40, 41, 42], the

biological relevance of such mechanism is still unclear. This is because it is difficult

to control the physical parameters in living cells, such as polymerization rate and
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Figure 4.1: (a) Time-lapse image of the rovolving wave of epithelial CHO cells. (b)
The snapshot and the kymograph of the traveling bleb known as ‘circus movement’
in Xenopus blastomere. (c) Time-lapse image of the revolving actin wave at the
surface of the metaphase rounded HeLa cell. The right kymograph is taken along the
periphery of the cell. Images were adopted from [116, 117, 118].

contractility, thus it is challenging to compare the simple theoretical prediction to

the experimental results in living cells.

To overcome such limation, here we use our artificial cell system to flexibly control

the biophysical parameters and to compare the experiment with theoretical models.

By exploring the various physical parameter space, we found that the transition of

stationary actin flow to periodic waves. Moreover, by increasing the F-actin polymer-

ization rate at the droplet surface, we found the rotational symmetry breaking of the

actin wave. Together, this is the first experimental demonstration of symmetry break-

ing induced pattern formation in actomyosin networks confined in cell-sized spaces,

which will provide the physical understanding of the biological pattern formation

driven by active cytoskeletal systems.
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4.2 Materials & Methods

4.2.1 Experimental setup

Regents and Recombinant proteins. We use the same reagents and recombinant

proteins that are already explained in Chapter 2 and Chapter 3. Namely, phosphatase

inhibitor calyculin A which increases the net contractility of the actomyosin network,

Arp2/3 activating domain VCA which enhances the actin polymerization, actin poly-

merization inhibitor of cytochalasin D that binds actin filaments, and myosin con-

tractility inhibitor Y27632 that inhibits ROCK (Rho-associated coiled-coil forming

kinase).

4.2.2 Image analysis

Fourier analysis. To quantitatively analyze the period of the contractile wave, we

used the fourier analysis of the total intensity within the region of interest. Given that

the center of the droplet is the origin r = 0 in the polar coordinate, the local density

of the actin filaments were measured through the local fluorescent intensity I(r, θ, t).

The intensity was then averaged over the region of interest 0.45R < r < 0.55R,

0 < θ < 2π, thus I(t) ≡
∫ 0.55R

0.45R

∫ 2π

0
I(r, θ, t)drdθ. We then performed the Fourier

transform Ī(ω) = (1/2π)
∫ 10min

0
I(t)e−iωtdt. Then, the period of the actin wave was

calculated from the peak of Ī(ωpeak), from the relation Tpeak = 2π/ωpeak. Note that

Tpeak → ∞ (i.e., ωpeak → 0) corresponds to the stationary flow, in which there is no

oscillatory structure in the intensity time course.

Confocal microscopy To visualize the F-actin network in detail, we used confocal

microscopy and focused on the mid-plane of the confined droplet (Fig. 4.2). Time-

lapse images were acquired every 6 s using an epifluorescence microscope (IX73; Olym-

pus) equipped with ×10 objective lens (U Plan WD 10×/0.25; Meiji Techno Japan)
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Figure 4.2: (a) Schematic showing the experimental setup. The droplets were con-
fined between the PDMS-coated glass slides and the dynamics of the actomyosin
contraction is observed by confocal microscopy. (b) A representative image taken at
the middle plane of the droplet. Scale bars, 100 µm.

or ×20 objective lens (TU Plan ELWD 20×/0.40; Nikon), a cooled CMOS camera

(Neo5.5; Andor Technology), and a stable excitation light source (XLED1; Lumen

Dynamics). The contact area between the droplet and substrate was recorded us-

ing a confocal microscope (IX73; Olympus) and a confocal scanning unit (CSU-X1;

Yokogawa Electric Cor. Ltd.) equipped with iXon-Ultra EM-CCD camera (Andor

Technologies) and ×20 objective lens (UPlanSApo 20×/0.75; OLYMPUS) under a

488 nm fluorescence channel. For all microscopic examinations, the room temperature

was maintained at 20± 1◦C. All images were taken by confocal microscopy.
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4.3 Results

4.3.1 Experiment I: Transition from steady-flow to periodic

wave

In active systems, contractile stress is often a primal factor to break the symmetry [40,

41, 42]. To see the effect of contractile stress on pattern formation of the actomyosin

network, we first added calyculin-A, which is a myosin II phosphatase inhibitor thus

the number of active myosin motor is increased, leading to the larger contractile

stress. Interestingly, we found the state transition from the stationary actin flow

(Fig. 4.3a) to the periodic actin wave by increasing the concentration of calyculin-A

(Fig. 4.3b). Such periodic pattern can be seen in the angular kymograph extracted

from the time-course (Fig. 4.3c-e).

To quantitatively analyze the periodic wave behavior, the fluorescence intensity

was averaged over the angle 0 < θ < 2π, and then Fourier transform was performed to

see the periodic structures (Fig. 4.4a,b). The power spectrum of the actin intensity

shows that the peak was emerged for the calyculin A concentration larger than 30 uM,

indicating that the emergence of periodic wave (Fig. 4.4c). Here, the peak frequency

1/T → 0 indicates the wave period of T → ∞, corresponding to the stationary

actin flow, while the finite peak frequency 1/T corresponds to the periodic actin

wave with a finite wave period T . The peak frequency was plotted along with the

calyculin concentration, where periodic actin wave emerged around the concentration

of calyculin-A 30 pM (Fig. 4.4d). Notably, the wave period was mostly remained the

same value around T ≃ 1.5 min even for the larger calyculin concentration, indicating

that the period is not determined by the myosin contractility but rather determined

by the other factor such as the polymerization rate of the F-actin.
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Figure 4.3: (a) Time-lapse images showing the stationary actin flow under control
condition. (b) Time-lapse images showing the periodic actin wave contraction after
adding 30 nM calyculin A. (c) Schematic showing the definition of the region of
interest where kymograph was extracted for (d) and (e). (d) Angular kymograph
extracted from (a). (e) Angular kymograph extracted from (b). Horizontal stripes
represent the ring-shaped actin wave. All images were taken by confocal microscopy.
Scale bars, 100 µm.
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Figure 4.4: (a) Schematic showing the definition of the total intensity I(t), which is
an angular average within the region of interest. (b) Total intensity time course. The
curve was random noise in the case of control (blue), while the periodic oscillation can
be seen in the case of calyculin A (orange). (c) Power spectrum was calculated from
(b). Note that the peak indicates the presence of periodic structure within the time
course. (d) Peak frequency was extracted from (c). Wave-like structure is emerged
at the calyculin concentration larger than 0.3 pM.
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4.3.2 Theory I: Active fluid model

To understand the physical mechanism of the transition from actin flow to periodic

wave, here we developed a theoretical model of actomyosin network confined in a

circular confinement (Fig. 4.5a). We describe the actomyosin network as an active

fluid producing active stress σact, which experiences the internal viscous stress σvis

and the external friction from the cytoplasm and the membrane −γv, where γ is the

effective friction coefficient. Thus, the momentum balance for the active fluid is given

by

∇ · (σvis + σact) = γv. (4.1)

The viscous stress is given by the dissipative part of the viscous fluid,

σvis,ij = ηbδij∇ · v+ 2ηs

(

vij −
1

3
δij∇ · v

)

(4.2)

where ηb and ηs are the bulk and shear viscosities, respectively, and vij = (1/2)(∂jvi+

∂ivj). In addition, active stress is assumed to be proportional to the density of the

actomyosin gel,

σact = (ζ∆µ)0f(ρ)I, (4.3)

where (ζ∆µ)0 is the effective myosin contractility per actin filament, ρ is the local

density of the actomyosin gel, and f(ρ) = ρ/(ρ0 + ρ), where ρ0 is a constant. The

actomyosin density dependence of the active stress was chosen to avoid overshoot. For

simplicity, we assumed that the local myosin density is proportional to the F-actin

density ρ, thus we only consider the mass conservation equation of the F-actin:

∂ρ

∂t
+∇ · (ρv) = D∇2ρ+ kp − kdρ, (4.4)

where D is the effective diffusion coefficient of F-actin, kp and kd is the polymerization

and depolymerization rate of F-actin, respectively.
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4.3.3 Theory II: Phase-field model: Numerical simulation in

2D space with circular boundary

To implement circular boundary condition, we used phase-field model [119, 120]. The

phase-field dynamics were developed in [121], which is written as

∂φ

∂t
= Dφ∇2φ+ ΓφU

′(φ). (4.5)

The term on the right hand side is derived from the Helfrich free energy. The diffusion

term represents the surface tension of the membrane, and the second term is the

derivative of the double-well potential U , U ′(φ) = φ(φ− 1)[φ− 1/2−α0(V/Vtar − 1)],

its fixed points φ = 0 and φ = 1 describes the outside and the inside of the cell. The

term α0(V/Vtar− 1) describes the conservation of the cell volume V =
∫∫

drφ toward

a target volume Vtar.

In the phase-field model, no-flux boundary condition to constrain actomyosin

within the cell boundary can be imposed by an effective energy E(ρ, φ) =
∫∫

dr{(ρ2+

β[(1 − φ)2 + β])}1/2, where β is introduced to avoid singularities [121]. This led to

the final, full set of non-dimensionalized equations,

∇2v+ λ∇(∇ · v) +∇f = v (4.6)

∂ρ

∂t
+ Pe∇ · (ρv) = ∇2ρ+ kp − kdρ+ ǫρ∇2 δE

δρ
(4.7)

∂φ

∂t
= Dφ∇2φ+ ΓφU

′(φ) (4.8)

where the length and time scales were non-dimensionalized by the length-scale unit l =

(η/γ)1/2 and the time-scale unit τ = ηD/γ. In addition, Pe = Ul/D = ζ/Dγ is the

Peclet number (i.e., the ratio between the time scale of active transport and diffusive

transport), where characteristic velocity U = ζ/(ηγ)1/2 was introduced. Also, rescaled

parameters were redefined as ρ/ρ0 → ρ, kp/ρ0τ → kp, kd/τ → kd, and λ = ηv/ηs =
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4/3 is the constant. Importantly, here we imposed the local actin assembly near

the inner surface of the droplet to mimic the experimental observation (Fig. 2.11b),

where we introduced the bulk polymerization speed kbulk
p at 0 < r < 0.9R and the

surface polymerization speed ksurface
p at 0.9R < r < R (Fig. 4.5b). Here, we define

the polymerization ratio as αp ≡ kbulk
p /ksurface

p = 0.1.

To solve our equations, we discritise them by finite difference method and per-

formed numerical simulation. In each time step, we first determined the density field

and the phase-field through the diffusion equations Eq. (4.7) and Eq. (4.8). We then

updatde the velocity field through the force balance equation Eq. (4.6), where we

used Fourier transformation. In all simulations, we use ∆x = 10−1,∆y = 10−1 and

∆t = 10−5. We checked that our results do not change for smaller values. As the

initial condition, we took ρ(x, y) = 1, v(x, y) = 0.

We first present the solution for Pe = 30, ksurf
p = 1.5, kd = 1, β = 0.0001, Dφ =

1,Γφ = 160Dφ, ǫρ = 20, α0 = 50. At the boundary of the droplet, the gel contracts

inwardly (Fig. 4.5c). As can been seen in the kymograph, the system relaxes into a

stationary flow state of actomyosin, while the system reaches a periodic state of the

contractile actomyosin ring at a larger contractility (Fig. 4.5d,e). Fourier analysis of

the intensity shows that the periodic oscillation with a finite period emerges as the

Pe increases (Fig. 4.5f).

To further investigate the flow to wave transition, we numerically solved the equa-

tions with different Pe and ksurf
p , and then obtained the phase diagram (Fig. 4.6a).

At the small polymerization speed ksurf
p ∼ 0, flow state is stable, while the larger

polymerization speed ksurf
p > 1, the periodic wave state emerges with the large Pe.

Notably, the flow state again becomes stable at a larger polymerization speed. This

could be because the contrast of the actomyosin density between the bulk and the

surface becomes small at a large polymerization speed.
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Figure 4.5: (a) Schematic showing the internally generated active stress σact, passive
stress σpassive, and the polymerization and depolymerization of F-actin kp and kd,
respectively. (b) Schematic showing the definition of bulk and surface polymerization
rate kbulk

p and ksurface
p , respectively. Here, we assume that the surface polymerization

rate is 10 times faster than the bulk polymerization rate to mimic the experimentally
observed local F-actin polymerization at the inner droplet surface. (c) At the active
Peclet number Pe = 30, stationary actin flow emerged. (d) At Pe = 60, Periodic actin
wave emerged. (e) Angular kymographs were extracted from the ROI in the time-
sequence (c) and (d). The larger the active Peclet number (i.e., effective contractility),
the periodic actin wave was stably emerged. (f) Active Peclet number dependence of
the peak frequency is shown. The graph shows that the periodic wave emerged at a
cirtain Pe as the Pe incrased. Note that the wave period is mostly same for the larger
Pe, whereas the larger kp changes the wave period, indicating that the wave period
is determined by the polymerization speed.
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4.3.4 Experiment II: Experimental verification of flow to wave

transition

To substantiate the mechanism of the transition between the flow and the wave state,

we performed the molecular perturbation. In the control condition, the flow state

was stable (Fig. 4.6(i)). On the one hand, by adding the calyculin A, a phosphatase

inhibitor that increases the net contractility, the wave state emerges (Fig. 4.6(ii)),

while the flow state becomes stable by increasing the polymerization speed of F-

actin with the addition of Arp2/3 activating VCA domain (Fig. 4.6(iii)). On the

other hand, by adding the Cytochalasin D, an inhibitor of F-actin polymerization,

the stable state was changed from the flow to the wave state (Fig. 4.6(iv)), while the

flow state become stable by adding the myosin phosphorylation inhibitor Y27632 that

decreases the contractility (Fig. 4.6(iv)). Together, the theoretical phase diagram was

qualitatively reproduced by the experiments, which further substantiates the validity

of the proposed active fluid model.
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Figure 4.6: (a) Phase diagram of the active fluid model. (b) Transition between
flow and wave was experimentally confirmed by the molecular perturbations. (i)
Control condition. (ii) By adding the calyculin A, a myosin phosphatase inhibitor,
increasing the effective contractility Pe and the wave state is stabilized. (iii) By
adding the VCA, an activator of actin polymerizing protein Arp2/3, increasing the
polymerization rate kp and the flow state is stabilized. (iv) By adding cytocharasin D,
a F-actin polymerization inhibitor, decreasing the polymerization rate kp and the wave
state is stabilized. (v) By adding the Y27632, an inhibitor of myosin phosphorylation,
decereasing the effective contractility Pe and the flow state is stabilized.

4.3.5 Theory III: The influence of bulk/surface polymeriza-

tion ratio αp

We have so far fixed the bulk to surface polymerization ratio αp = kbulk
p /ksurface

p = 0.1

to mimic the experimentally observed local F-actin assembly at the droplet surface.

However, it is unclear how the value of the polymerization ratio αp affects the phase

behavior of the contractile actomyosin gel. To answer this question, we altered the

bulk/surface polymerization ratio between 0.1 < αp < 1 (Fig. 4.7a). Notably, at

a fixed Pe, the wave state emerges at the smaller bulk/surface polymerization ratio

(i.e., the larger bulk to surface contrast), suggesting that the ratio of bulk to surface

polymerization speed is crucial to determine the contractile behavior of the confined

active gels (Fig. 4.7b). Therefore, this model predicts that the phase transition of

the contractile behavior of active gels in terms of the ratio of the surface to bulk
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Figure 4.7: (a) Schematic showing the definition of the bulk and the surface polymer-
ization speed kbulk

p and ksurface
p , respectively. (b) Phase diagram showing the transition

from stationary flow to periodic wave induced by the high contrast between the bulk
and the surface polymerization speed.

polymerization speed.

4.3.6 Experiment III: Rotational symmetry breaking of ac-

tive gels

To experimentally test the theoretical prediction, we then increased the polymeriza-

tion at the droplet surface by using the PIP2 lipid, which is locally recruited at the

droplet surface and activates the F-actin nucleation via Arp2/3 as shown in Chapter

3 (Fig. 4.8a). Surprisingly, the enhanced surface F-actin assembly induced the rota-

tional symmetry breaking of the wave, and subsequently the revolving wave emerged

(Fig. 4.8b,c). We found that ∼ 15% (n=34) of droplets showed the stable rotational

wave, while the other droplets broke the symmetry of the cluster positioning and the

rotational wave turned into the asymmetric flow. On the other hand, such rotational

symmetry breaking was not observed in the numerical simulation only by increasing

the contrast between the bulk and surface polymerization speed, contradicting the ex-

perimental result. Thus, we then explored the mechanism of the rotational symmetry

breaking in the numerical simulation.
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Figure 4.8: (a) Schematic showing the locally enhanced F-actin polymerization at the
droplet surface induced by the Arp2/3 activating lipid PIP2. (b) Time-lapse images
showing the rotational wave. (c) The angular kymograph extracted from (b). (d)
Initial time delay of contraction and the subsequently stabilized rotational wave. All
images were taken by epi-fluorescence microscopy. Scale bars, 100 µm.

4.3.7 Theory IV: Initial time delay of contraction-induced

rotational symmetry breaking

To understand the mechanism of the rotational symmetry breaking, we first focused

on the onset of the rotational symmetry breaking events observed in the experiment.

Notably, because of the strong actin-membrane binding induced by the F-actin as-

sembly activating lipid PIP2, the initial contraction had a time delay to detach from

the droplet surface, and the rotational wave gradually became stable (Fig. 4.8d).

To test the influence of such time delay of contraction in numerical simulation, we

implemented the time delay of contraction as the initial condition. For simplicity,

we used the non-deformable circular boundary and the circular droplet was divided

into four regions and each region initially started to contract with the time delay τd

(Fig. 4.9a,b), by which we can mimic the initial time delay events observed in the
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experiments.

Figure 4.9: (a) Schematic showing the definition of the time delay in contraction. The
circular domain was devided into 4 regions, in which each region successively starts
to contract with time delay τd. (b) Time-lapse images of the initial time delay in
contraction. Parameters were Pe = 90, ksurface

p = 1.75, and αp = 0.01. (c) Time-lapse
images showing the initial flucuation and the subsequently stabilized rotational wave.
(d) Angular kymograph extracted from (c).

As can be seen in the kymograph, with the time delay τd = 10−2T (T is the total

simulation duration), we found that the rotational wave becomes stable after several

time steps (Fig. 4.9c,d). This suggests that the rotational symmetry breaking requires

an initial time delay of contraction. To see the influence of the time delay, we then

changed the time delay from τd = 10−2T to τd = 10−4T . Interestingly, the rotational

wave was emerged even in the small time delay, in which we could not visually observe

the time delay of the contraction (Fig. 4.10a). In this case, the ring-like wave was

initially stable, while the distribution of the actomyosin gradually fluctuated, and

finally, the rotation wave was stabilized (Fig. 4.10b). Importantly, we confirmed

that the magnitude of τd did not affect the final stable rotation period, indicating

that the rotation wave is not directly determined by the initial condition, but it is
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rather a self-organized stable fixed point determined by the physical parameter of the

system (Fig. 4.10c). Together, the active gel theory explains the mechanism of the

rotational wave, that is, the rotational wave emerges as a result of an initial time

delay of contraction.

Figure 4.10: (a) Time lapse images showing the dynamics of the emergence of the ro-
tational wave with visually negligibly small time delay τd = 10−4T . At the beginning,
ring-like wave was stable, while the position of the highly accumulated actomyosin
cluster started to fluctuate, and eventually the rotation wave was stabilized. (b) An-
gular kymograph extracted from (a). (c) The initial time delay dependence of the
rotation period.
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4.3.8 Theory V: Phase-diagram of the rotational wave

Finally, we explored the influence of the Peclet number Pe and the polymerization

speed ksurf
p in the emergence of the rotational wave. The phase diagram shows that

with a fixed ksurf
p , the stationary flow was stable at a small Pe, while the ring-like wave

was stable at a large Pe, consistent with the previous section. Notably, however, in

the presence of the initial time delay of contraction, the rotational wave emerged at

the phase boundary between the flow and the ring-like wave (Fig. 4.11a, red squares).

This result can be interpreted as follows. In our simulation, the contractile behavior

of the actomyosin network is determined by an effective tug-of-war between the bulk

actomyosin network and the actomyosin network close to the droplet periphery. The

bulk actomyosin network is responsible for the stationary flow, while the surface ac-

tomyosin network is responsible for the ring-like wave. Indeed, by increasing the bulk

polymerization speed, the stationary flow state was observed in the larger phase-space

(Fig. 4.11b). Thus, the rotational wave would emerge at the phase boundary between

the flow and the ring-like wave, at which the competing forces between the bulk and

the surface actomyosin network may balance. However, the more quantitative mech-

anism is still unclear due to the difficulty to obtain the analytical expression from the

complex equations. More detailed analysis such as non-linear perturbative analysis

remains as future work.
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Figure 4.11: (a) Phase-diagram with the initial time delay in the contaction. Each
symbol corresponds to the flow (empty circle), the wave (filled blue circle), and the
rotation wave (filled red square). The simulation was performed with the bulk to
surface polymerization ratio αp = 0.01. (b) The bulk to surface polymerization ratio
αp = 0.01 dependence of the phase-diagram.
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4.4 Discussion

Previous studies using cytoplasmic actomyosin networks found various contractile

behavior of the actomyosin networks such as stationary flow [23, 24] and periodic

ring-like wave [16, 28], whereas how such distinct waves emerge in the same system

was elusive. In this study, combining the various molecular perturbation and theo-

retical modeling, we showed that such distinct contractile behavior can be realized

in the same cytoplasmic actomyosin network, and we constructed the simple theo-

retical model explaining the mechanism of the various contractile behavior from the

stationary flow, ring-like wave, to the rotational wave.

Recent studies showed that the contractile actomyosin network can be used to

move the nucleus-like large structures at the center of the extracts-in-oil droplet [28,

29]. In these studies, however, different actomyosin structures, either the stationary

flow or the periodic ring-like wave, were proposed as a driving force of the centering of

the nucleus-like large structures. Based on the present study, we can understand that

such distinct self-organized actomyosin structures were not mutually exclusive but can

be realized in the same system depending on the contractility and the polymerization

speed of F-actin. Therefore, our study provides an integrative understanding of the

self-organization of the actomyosin networks confined in cell-sized spaces.

Importantly, our study showed that contractile stress is the key to realizing various

self-organized states, in which the pattern formation is stabilized when the active

stress outweighs the diffusive relaxation. This is the key difference from the pattern

formation of the reaction-diffusion systems, in which the symmetry breaking emerges

as a result of the different diffusion time scales between the activator and the inhibitor.

Notably, the periodic actin wave can be observed in various morphological events

from cell division [117] to the cell migration [11], thus the simple theoretical model

developed in this study would give a mechanical understanding of such contractile

behavior in living systems.
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Figure 4.12: (a) Time-lapse images showing the rotational wave under the condition
of 0.3 pM Calyculin A in the absence of the actin-membrane binding induced by
PIP2. (b) The angular kymograph extracted from (b). Images were taken by confocal
microscopy. Scale bars, 100 µm.

Finally, we found that the rotation wave emerged in the confined cytoplasmic ac-

tomyosin networks by increasing the polymerization of F-actin at the droplet surface.

Interestingly, several studies have reported such rotational wave driven by contractile

actomyosin networks in various cell types, from fibroblasts [116], HeLa cell [117], CHO

cell [8], fish parasite [122], Xenopus blastomere [118]. This suggests that the rota-

tional wave is a universal biological phenomenon, which is not significantly affected by

the detail of the system. In the present study, we provided a simple mechanism of the

rotational symmetry breaking of the actomyosin network under non-deformable cir-

cular confinement, that is, the initial time delay of contraction. Such time delay could

usually occur in the living system because the actomyosin network is tightly bound

to the surface of the cells. Yet, in our simulation model, we have not included the

effect of the membrane deformation induced by the contractilie force applied to the

cell membrane. Thus, it remains open how the membrane deformation contributes to

the likelifood of the rotational symmetry breaking. We expect that such deformation

could change the center-of-mass of the actomyosin system, which might add initial

fluctuation or asymmetry into the spatial distrubution of the contractile stress. In
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fact, we rarely observed the rotational wave in the absence of actin-membrane binding

(less than 3%, 1 in more than 30 droplets) (Fig. 4.12), whereas ∼15% of droplets

showed stable rotaional wave with actin-membrane binding. Therefore, theoretical

modeling of the influence of the membrane deformation on the rotational symmetry

breaking will be a significant future challenge. Also, it would be interesting to test

the influence of the time delay of actomyosin contraction in living cells using laser ab-

lation or optogenetics to control the emergence of the rotational waves, which would

further validate our theoretical model.

4.5 Conclusion

To conclude, we explored how the pattern formation driven by the contractile force

is emerged in a confined space using cytoplasmic actomyosin networks encapsulated

in water-in-oil droplets. The numerical simulation based on active gel theory showed

that the flow to wave transition emerges as a result of the contrast between the bulk

and the surface polymerization speed, in which the effective active stress Pe plays

a significant role. Moreover, by imposing the initial time delay in contraction, we

found that the rotational wave is finally stabilized in the system, which can only be

observed at the phase boundary between the stationary flow and the rind-like wave.

Together, this study provides an integrative understanding of the self-organization

and pattern formation of active gels confined in cell-sized closed spaces.
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Chapter 5

Summary and Conclusions

In this thesis, I have studied the mechanism of the (I) intracellular positioning sym-

metry breaking (Chapter 2), (II) Droplet migration induced by the shape symmetry

breaking (Chapter 3), and (III) Rotational symmetry breaking induced actomyosin

wave dynamics (Chapter 4), by harnessing the simplified nature of the artificial cell

models and theoretical modeling based on active gel theory.

(I) Intracellular positioning symmetry breaking

In Chapter 2, positioning symmetry breaking of the nucleus-like large structures was

studied. When the cytoplasmic actomyosin networks were confined in extracts-in-

oil droplets, a nucleus-like spherical cluster made of the accumulated organelles was

formed, in which I regarded the cluster as a model of the cell nucleus. Notably, the

cluster took the two distinct positions depending on the size of the droplet, either the

center in the large droplets or the edge in the small droplets. Based on the quanti-

tative image analysis, we found that the driving forces of the positioning, in which

the inwardly directed force was generated by a ring-shaped actin wave is repeatedly

generated from the droplet surface to the center, while the outwardly directed force

was generated by actin bridges connecting the cluster and the droplet surface. Based

on this observation, we proposed a ”tug-of-war model” in which the cluster position

was determined by the balance of the forces exerted by the actin wave and the actin

bridge.

However, this model alone did not explain how the balance of forces broke and

positioning symmetry breaking occurs. To understand the mechanism of symmetry

breaking, we constructed theoretical models based on the active gel theory of actin
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waves and the percolation theory of stochastic bridge formation. Theoretical analysis

revealed that the droplet size dependence of the actin wave period was T ∝ R and

the characteristic time of bridge formation was τp ∝ eR. Therefore, τp < T holds for

the small droplets and bridge formation dominates, thus the clusters are placed at the

edge, while τp > T holds for the large droplets and actin wave generation dominates,

thus the clusters are placed at the center. Notably, at the transition point T = τp,

the following equality holds

Rc

L
= log2

(

T

τ

)

, (5.1)

where L is the length of actin filaments, τ is the turnover rate of crosslinkers, and T

is assumed to be constant. The estimated transition diameter was Dc = 2Rc ∼ 73

µm, which was close to the experimentally measured transition point Dc ∼ 85 µm.

Therefore, this model explains the transition of the positioning symmetry as the

crossover of the two characteristic time scales required for the maturation of the two

distinct actomyosin structures coexisting in the same system. Together, this study

will provide a physical understanding of the cluster positioning driven by the actin

cytoskeleton, which could also be used as a control principle of the cluster positioning

through actin network properties such as length of filaments.

(II) Droplet migration induced by the shape symmetry breaking

In Chapter 3, I expanded the intracellular force generation of the actin cytoskele-

ton to the force transmission to the external environments to explore the physical

determinants of cell migration. In living cells, intracellularly generated contractile

forces must be efficiently transmitted to the external environments, by which the

cell body is propelled forward. However, because of the inherent complex membrane

composition and actin-membrane interactions in living cells, physical determinants

responsible for such efficient force transmission have yet to be uncovered. Here, to

make the migratory artificial cell model, we imposed the symmetry breaking of cell
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shape in addition to the positioning symmetry breaking. Using this artificial cell

model, I can specify the actin-membrane interaction and the membrane-substrate

interaction. Initially, F-actin bound to the membrane accumulates the actomyosin

networks at one part of the membrane, inducing a rear-ward polarized actin flow.

This polarized actin flow generates active friction at the droplet-substrate interface,

propelling the droplet. Strikingly, our results showed that (i) actin-membrane binding

and (ii) substrate contact are sufficient to transmit contractile forces to the external

environments, uncovering the essential physical determinants for efficient force trans-

mission. In living cells, migration onset is triggered by the polarization of actomyosin

networks, and actin flow-induced friction generates propulsion forces. Notably, we

showed that such polarization and force transmission can be achieved by the self-

organization of membrane-bound actomyosin networks alone, without the help of

biochemical signaling or specific adhesive proteins.

Moreover, we found that the migration speed of the actomyosin droplets can be

controlled through confinement geometry, namely, it was slower under stronger con-

finement. The theoretical model suggested that the geometry-dependent balance

between active friction F contact
fric ∝ πR2

c and passive fluid drag Fdrag ∝ ηoil∇2voil deter-

mines the migration speed, where Rc is the contact radius, ηoil is the viscosity of the

surrounding oil, and voil is the velocity of the surrounding oil. Based on this model,

we derived the following geometric scaling,

2ηoilVdrop

vactD
= α g(h/D) (5.2)

where g(h/D) ≡ (h/D)(1+(h/D)2)−1(1−(h/D)f(θ))2, h is the height of the chamber,

D is the diameter of the droplet, Vdrop is the migration speed, vact is the actin flow

velocity, α is the friction coefficient, which was confirmed in experiment. Based on

the theoretical model, we can explain how the migration speed is determined by
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the confinement geometry as follows. At a fixed chamber height, migration speed

increases with the droplet size because the associated increase of the active friction

outweighs that of the fluid drag ((i) h ≪ D). On the other hand, because the

competing forces scale as Fdrag ∝ h−2 and Ffric ∝ πR2
c ∝ h−1, as the chamber height

decreases ((ii) h → 0), the increase of the passive fluid drag outweighs that of the

active friction, resulting in the slow migration speed. Conversely, as the chamber

height becomes close to the droplet diameter ((iii) h ∼ D), although the fluid drag

decreases, the active friction is inevitably decreased due to the smaller contact area

between the droplet and the substrate, leading to the smaller droplet migration. Thus,

we provide a basic physical mechanism of the actomyosin-based motility determined

by the balance between the active friction and the passive fluid drag. Together,

these findings not only provide a basic physical understanding of the actomyosin-

based motility but also provide the founding ground to control cell migration capacity

through actin flow-induced active friction and microenvironmental geometry from in

vitro models to living cells.

(III) Rotational symmetry breaking induced actomyosin wave dynamics

In Chapter 4, I explored how self-organized actin cytoskeleton undergoes various dy-

namical states. The dynamical behaviors of the actin cytoskeleton are often observed

in living systems, such as cytoplasmic flow, rotational waves, and pulsatile contrac-

tions. However, the physical condition to switch the different dynamical states is often

difficult to find out because the complex biochemical regulations obscure the under-

lying mechanics. Here, I use the artificial cell as a simplified closed system in which

contractile actin cytoskeleton are confined, and asked what is the minimal physical

condition to switch the different dynamic states. By combining the molecular per-

turbation experiments and numerical simulation of the active gel theory considering

the force balance and the mass conservation, I found that the key determinants of
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the state transition are the contractility and the polymerization speed. Notably, we

experimentally found that the sufficiently stronger actin-membrane binding induced

the rotational symmetry breaking, undergoing the revolving wave. The numerical

simulation revealed that the initial time delay of the contraction is key to realizing

the rotational wave. These results will provide the mechanical understanding of the

dynamical behavior of actin cytoskeleton controlled through physical properties and

help to develop a unified theory of active gel dynamics.

Together, in this thesis, I have explored the various actomyosin dynamics by focus-

ing on the characteristic symmetry breaking of the system. At a first glance, nucleus

positioning, migration, and wave dynamics were different phenomena observed in

the distinct cell types. On the contrary, we have successfully realized such distinct

phenomena using the artificial cell droplets, and elucidated the underlying physical

principles using active gel theory, and classified them based on characteristic symme-

tries. This suggests that living cells possess a flexible ability that in principle perform

different dynamics such as positioning, migration, and wave, which might be respon-

sible for the adaptability and susceptibility of the living systems. The mechanical

understanding of the cellular symmetry breaking revealed in this thesis could also be

tested and utilized in living cells to control cell function using modern tools such as

optogenetics, which remains a significant future challenge (Fig. 5.1). Understanding

the simple physical principles of the confined actomyosin networks using artificial cells

will expand our knowledge of self-organization and develop a basic understanding of

the out-of-equilibrium physics of cellular symmetry breaking.



150

Figure 5.1: Summary and outlook of this thesis. We utilized the artificial cells to
extract characteristic symmetry breakings in the living cells (from the left bottom to
the top), which enables us quantitative image analysis and the theoretical modeling
based on active gel theory (from the top to the bottom right). This will provide
mechanical understanding for the cellular symmetry breaking, and could also be tested
and utilized in living cells to control cell function using optogenetics, which remains a
significant future challenge (from the right to the left). Combining the wide varieties
of experimental and theoretical disciplines, we could establish the out-of-equilibrium
physics of cellular symmetry breaking.
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A. D., Lévy, D., Lenz, M., Joanny, J.-F., Campillo, C., Plastino, J., Sens, P. &

Sykes, C. Actin dynamics drive cell-like membrane deformation. Nat. Phys. 15,

602-609 (2019).

[31] Litschel, T., Kelley, C. F., Holz, D., Koudehi, M. A., Vogel, S. K., Burbaum, L.,

Mizuno, N., Vavylonis, D. & Schwille, P. Reconstitution of contractile actomyosin

rings in vesicles. Nat. Commun. 12, 2254 (2021).

[32] Green, R. A., Paluch, E. & Oegema, K. Cytokinesis in animal cells. Annu. Rev.

Cell Dev. Biol. 28, 29-58 (2012).



155

[33] Takagi, J., Sakamoto, R., Shiratsuchi, G., Maeda, Y. T. & Shimamoto, Y. Me-

chanically distinct microtubule arrays determine the length and force response

of the meiotic spindle. Dev. Cell 49, 267-278 (2019).

[34] Sakamoto, R., Noireaux, V. & Maeda, Y. T. Anomalous scaling of gene expres-

sion in confined cell-free reactions. Sci. Rep. 8, 7364 (2018).

[35] Paluch, E. K., Aspalter, I. M. & Sixt, M. Focal adhesion-independent cell mi-

gration. Annu. Rev. Cell Dev. Biol. 32, 469-490 (2016).

[36] Kruse, K., Joanny, J. F., J́’ulicher, F., Prost, J. & Sekimoto, K. Generic theory

of active polar gels: A paradigm for cytoskeletal dynamics. Euro. Phys. J. E 16,

5-16 (2005).

[37] Joanny, J. F., J́’ulicher, F., Kruse, K. & Prost, J. Hydrodynamic theory for

multi-component active polar gels. New J. Phys. 9, 411 (2007).

[38] Banerjee, S. & Marchetti, C. M. Instabilities and oscillations in isotropic active

gels. Soft Matter 7, 463-473 (2011).

[39] Banerjee, S., Liverpool, T. B. & Marchetti, C. M. Generic phases of cross-linked

active gels: Relaxation, oscillation and contractility. Euro. Phys. Lett. 96, 58004

(2011).

[40] Bois, J. S., J́’ulicher, F. & Grill, S. W. Pattern formation in active fluids. Phys.

Rev. Lett. 106, 028103 (2011).

[41] Kumar, K. V., Bois, J. S., J́’ulicher, F. & Grill, S. W. Palsatory patterns in

active fluids. Phys. Rev. Lett. 112, 208101 (2014).

[42] Moore, T., Wu, S. K., Michael, M., Yap, A. S., Gomez, G. A. & Neufeld, Z. Self-

organizing actomyosin patterns on the cell cortex at epithelial cell-cell junctions.

Biophys. J. 107, 2652-2661 (2014).



156

[43] Hiraiwa, T. & Salbreux, G. Role of turnover in active stress generation in a

filament network. Phys. Rev. Lett. 116, 188101 (2016).

[44] Prost, J., J́’ulicher, F. & Joanny, J. F. Active gel physics. Nat. Phys. 11, 111-117

(2015).

[45] Tinevez, J.-Y., Schulze, U., Salbreux, G., Roensch, J., Joanny, J.-F. & Paluch,

E. Role of cortical tension in bleb growth. Proc. Natl. Acad. Sci. USA 106,

18581-18586 (2009).

[46] Turlier, H., Audoly, B., Prost, J. & Joanny, J. F. Furrow constriction in animal

cell cytokinesis. Biophys. J. 106, 114-123 (2014).

[47] Reversat, A., Gaertner, F., Merrin, J., Stopp, J., Tasciyan, S., Aguilera, J.,

de Vries, I., Hauschild, R., Hons, M., Piel, M., Callan-Jones, A., Voituriez, R.

& Sixt, M. Cellular locomotion using environmental topography. Nature 582,

582-585 (2020).

[48] Mayer, M., Depken, M., Bois, J. S., J́’ulicher, F. & Grill, S. W. Anisotropies in

cortical tension reveal the physical basis of polarizing cortical flows. Nature 467,

617-621 (2010).

[49] Shamipour, S., Kardos, R., Xue, S.-L., Hof, B., Hannezo, E. & Heisenberg, C.-

P. Bulk actin dynamics drive phase segregation in zebrafish oocytes. Cell 177,

1463-1479 (2019).

[50] Levernier, N. & Kruse, K. Spontaneous formation of chaotic protrusions in a

polymerizing active gel layer. New J. Phys. 22, 013003 (2020).

[51] Miller, K. G. Extending the Arp2/3 complex and its regulation beyond the lead-

ing edge. J. Cell Biol. 156, 591-593 (2002).



157

[52] Maan, R., Loiseau, E. & Bausch, A. R. Adhesion of active cytoskeletal vesicles.

Biophys. J. 115, 2395-2402 (2018).

[53] Liu, A. P., Richmond, D. L., Maibaum, L., Pronk, S., Geissler, P. L. & Fletcher,

D. A. Membrane induced bundling of actin filaments. Nat. Phys. 4, 789-793

(2008).

[54] Boukellal, H., Campás, O., Joanny, J. F., Prost, J. & Sykes, C. Soft Listeria :

actin-based propulsion of liquid drops. Phys. Rev. E 69, 061906 (2004).

[55] Bermudez, J. G., Chen, H., Einstein, L. C. & Good, M. C. Probing the biology of

cell boundary conditions through confinement of Xenopus cell-free cytoplasmic

extracts. genesis 55, e23013 (2017).

[56] W’́uhr, M., Freeman Jr, R. M., Presler, M., Horb, M. E., Peshkin, L., Gygi, S.

& Kirschner, M. W. Deep proteomic of the Xenopus laevis egg using an mRNA-

derived reference database. Curr. Biol. 24, 1467-1475 (2014).

[57] Smith, B. A., Padrick, S. B., Doolittle, L. K., Daugherty-Clarke, K., Corrêa Jr,
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